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CHAPTER 1. INTRODUCTION 
The emerging need for biofuel leads to the increasing demand for biomass feedstock 
that will be used in the industrial process. Some commonly used feedstocks are sugar cane, 
maize grain, and other lignocellulosic materials. In the United States, ethanol is used as 10% 
gasoline blend and the sole biomass feedstock that has been used is maize grain (Sanchez and 
Cardona, 2008). One way to produce biofuel from maize would require taking most of the 
crop material from the field, leaving the soil with less material as a carbon source. Recent 
studies have focused on using different cropping systems as sources for biomass feedstock 
that could reach the demand for biofuels and that would also conserve the soil in terms of 
sequestering carbon in the long run.  
 The Comparison of Biofuel Systems (COBS) is a project of Iowa State University 
that explores perennial cropping systems as an alternative for the maize biomass feedstock. 
Scientists in this project hypothesize that perennial cropping systems could match the 
aboveground production of biomass of maize but could also produce higher belowground 
biomass compared to maize. The belowground biomass from the perennial cropping system 
would be the source of sequestered carbon in the soil. There are five cropping systems in the 
COBS field site. These cropping systems are maize-soybean rotation (C2), continuous maize 
without rye cover crop (CC), continuous maize with rye cover crop (CCW), unfertilized 
mixed perennial prairie (P), and fertilized mixed perennial prairie (PF). 
 The topic of carbon sequestration has been extensively studied these past decades. 
Carbon sequestration is defined as storing carbon in the soil (Janzen, 2006; Smith, 2004a). 
More carbon in the soil is indicative of a good-quality soil, and if more carbon stays in the 
soil, then there would be less emission of greenhouse gases such as CO2 into the atmosphere. 
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Also, storing more carbon in the soil requires that the carbon could stay in the soil for a long 
period of time, thus with a slow decomposition rate. Soil scientists have been trying to 
account for the carbon pools in the soil to assess which carbon sources (plant litter, roots, 
microbial residues) can make the greatest contribution. One approach is through fractionation 
of the soil organic matter, including litter, particulate organic matter, microbial biomass, 
water-soluble organics, and humus (Stevenson, 1994). There are existing tools for 
quantitative measurement of some of these carbon pools, but to quantify all of the pools is 
complicated. In agronomy, these carbon pools have been divided into “labile or active” and 
“stable” carbon pools, where the active carbon component is the immediate source for 
nutrients and the stable fraction acts as a source of nutrients in the long-term (Stevenson, 
1994). Another approach to estimate the long-term carbon fraction that could be stored in the 
soil is to evaluate the chemical composition of a plant material, determining which plant 
components are a good source of carbon and do not easily decompose. By quantitative 
measurement of the recalcitrant fraction of the plant material, the values obtained would be 
used as an index of long-term carbon contributed into the soil system.  
Several studies have been dedicated to evaluating the macromolecular composition of 
plants. A plant cell wall usually consists of polysaccharides (cellulose, hemicelluloses), 
lignin, tannins, lipids, cutins, and suberin (Kögel-Knabner, 2002). Among these cell wall 
components, lignin is likely to be the most recalcitrant, and its decomposition is usually 
found to be the rate-limiting step in biospheric carbon-oxygen cycles (Crawford, 1981). 
 Though the importance of lignin is apparent, researchers have a dilemma about how 
to quantitatively measure lignin. This is because lignin, unlike other macromolecules, does 
not have a specific structural formula. Instead, the ratio and orientation of the precursors of 
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lignin varies for each cell wall type, thus it is necessary to adopt a procedure that could 
quantitatively measure lignin in a wide range of cell wall types. 
 Two analytical methods were adopted in this study. The first method is the acetyl 
bromide method in which total soluble lignin is measured. The second method is a 
degradation in which lignin is oxidized and broken down to its monomeric components, and 
the lignin monomers are quantified by gas chromatography. 
 Since the COBS project is interested on the contribution of the belowground biomass 
from different cropping systems to the carbon pools in the soil, the lignin contents of the root 
materials were compared and the decomposition rates for each were determined. 
 Root litter chemistry has been so far a good predictor for root decomposition in 
contrast to the aboveground materials where decomposition is best predicted by climate 
(Silver and Miya, 2001). According to Martens and Frankenberger (1990b), the 
mineralization of plant residue is faster if the carbohydrate-to-phenolic ratio is higher 
compared with plant residue with lower carbohydrate-to-phenolic ratio. Phenolics in plants 
are monomer units that make up polymers such as lignins and tannins.  
 Therefore, the objectives of this study were: 1) to isolate and characterize lignin from 
a perennial biofuel crop; 2) to compare the chemical composition (phenolic, total lignin, 
cellulose, hemicellulose, total carbon, total nitrogen) of the aboveground biomass, 
belowground biomass, and soil organic matter obtained from the COBS project field site; and 
3) to determine the rates of decomposition of root materials collected from mid-season 
sampling from different cropping systems (CC, CCW, P, PF) in two types of soils (Nicollet 
and Clarion).  
 This manuscript has three chapters. Chapter 1 is dedicated to the physical and the 
chemical aspect of lignin, Chapter 2 focuses on quantifying lignin from the aboveground and 
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belowground root materials that will be used as index of carbon that can be stored in the soil, 
and Chapter 3 is dedicated to comparing decomposition rates of root materials in soil. 
Literature Review 
Composition and structure of lignin in cell walls 
The study of lignin has advanced significantly from the time it was first recognized in 
1838 by Anselme Payen, while he was studying the composition of wood. At that time, 
Payen (1838) used the term “encrusting material” to describe the composition of wood that 
has higher carbon composition than cellulose (Adler, 1977). From then on, wood and organic 
chemists have put a great effort into studying the physical properties, biosynthesis, reactivity 
and structural chemistry of lignin.  
By the year 1976, lignin as a polymerized compound of three substituted cinnamyl 
alcohols was already an established concept (Adler, 1977; Crawford, 1981; Freudenberg, 
1968). It was also known that lignin cannot be isolated in its unaltered state but only as 
derivatives (Forss and Fremer, 1999). Some reasons for the complex nature of lignin are that 
lignin is bonded to carbohydrates and polymerization of lignin monomers varies in plant 
parts and plant types (Adler, 1977; Dimmel, 2010).  
 
                                         
 
 
        Figure 1.1 Structure of lignin precursors 
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Both lignification and degradation of lignin are enzyme mediated (Crawford, 1981). 
In different plant materials the type of lignin polymerized varies and depends on the enzyme 
that is available (Adler, 1977). Thus the monomeric precursors of lignin vary in quantity for 
each plant type, and for each morphological part of the plant. In addition, configuration of the 
monomeric precursors varies within the lignin polymer. The monomeric precursors of lignin 
are p-coumaryl alcohol, coniferyl alcohol, and sinapyl alcohol (Figure 1.1). The major bonds 
that link these lignin monomeric precursors are β-O-4, β-5, β-1, α-O-4, 4-O-5, 5-5, and β-β 
bonds (Figure 1.2); the arylalkyl ether bonds (β-O-4, α-O-4) have the highest frequency 
(Adler, 1977; Kogel-Knabner, 2002). Figure 1.3 shows the functional groups and the 
numbering system in a typical lignin. The carbon atoms inside the ring are numbered one to 
six while the carbon in the aliphatic chain is labeled α, β, γ where the α-carbon is connected 
to the C-1 of the phenol ring. The hydroxyl group is always positioned at C-4. If there is just 
one methoxy group (-OCH3), it is attached to C-3 first. If the C-5 is linked to another carbon, 
the polymer is termed a “condensed” structure (Dimmel, 2010). Quite a lot of lignin 
structural models have been proposed through the years. One example is shown in Figure 
1.4, a model for spruce lignin as proposed by Adler (1977). Dimmel (2010) defined lignin as 
a complex cross-linked polymer, made up by variety of monomers that are oriented in 
different ways, and does not have a definite molecular weight. So lignin structural models are 
oversimplifications of the true lignin polymer for any given plant. 
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Figure 1.2 Major bond types found in the oxidation product in spruce lignin 
(Adler, 1977; Kögel-Knabner, 2002) 
 
Figure 1.3 Lignin functional groups (Dimmel, 2010) 
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Lignin synthesis in plants 
The process of lignification is through oxidative polymerization of the monomeric 
lignin precursors. An example of the reaction for the formation of a lignin dimer is shown in 
Figure 1.5. Two coniferyl alcohols that have been oxidized form radicals in O-4 or C-β 
positions (also can occur in C-1, C-3, and C-5 positions). The two coniferyl radicals will 
react with each other via radical coupling. The chemical process involves the detachment of 
hydrogen and addition of water molecule. The resulting dimer can react with other lignin 
monomers to form the lignin polymer (Adler, 1977; Kögel-Knabner, 2002; Dimmel, 2010). 
 
Figure 1.4 Proposed model of spruce lignin (Adler, 1977) 
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The linkage of lignin to hemicelluloses is another reason that lignin is difficult to 
isolate in its unaltered state. The water-soluble lignin yielded by mild acid hydrolysis 
reactions still contains galactose and arabinose (Adler, 1977) (Figure 1.6). After mild acid 
hydrolysis, galactose and arabinose units were still bonded to lignin (Adler, 1977). 
 
 
 
 
  
Figure 1.5. β-O-4 bond formation via radical coupling (Dimmel, 2010) 
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Figure 1.6 Suggested linkage of lignin to xylan and galactoglucomannan 
(Adler, 1977) 
 
As mentioned, lignin degradation is enzyme mediated. The enzymes that efficiently 
degrade lignin include phenol oxidases, peroxidases, and hydrogen peroxide (Tuomela et al., 
2002), which are generated by some soil microorganisms. Kaplan and Hartenstein (1979) 
investigated the degradation capability of different species of bacteria, fungi imperfecti, and 
basidiomycetes. They found that white-rot basidiomycetes fungi degrade the methoxyl group 
and thus are the most capable microbes in lignin degradation. Some gram-negative aerobic 
bacteria and actinomycetes can also degrade lignin but not as efficiently as the white-rot 
basidiomycetes (Paul, 2007). Neuhauser et al. (1978) showed in their studies that soil fauna 
(earthworms, millipedes, snails) cannot degrade lignin after ingestion. 
The importance of studying lignin depends on the discipline. Lignin is very important 
in the wood and pulp industries, because a high-quality wood pulp should contain very little 
or no lignin (Dimmel, 2010). Since lignin is the second most abundant polymer component in 
a wood, isolation of lignin from the carbohydrate fraction is necessary. In addition, in order 
to make good use of the isolated lignin, various studies have been undertaken to produce 
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from lignin monomolecular organic compounds such as vanillin and guaiacyl derivatives that 
could have commercial applications (Pearl and Beyer, 1961). From the point of animal 
nutrition, lignin can be important in the digestability and nutrition of livestock (Reeves, 
1993; Van Soest, 1994). For plant physiologists, lignin contributes in the structural stability 
of plant species. For agronomists, lignin may be important as a tool for carbon sequestration 
in the soil.  
The contribution of lignin to carbon sequestration has been raised in the field of soil 
science in the past decades. Some soil scientists have argued that lignin, as the second most 
abundant biopolymer, is recalcitrant in nature compared with cellulose, retards the overall 
rate of plant decomposition (Heal et al., 1997; Johnson et al., 2005), and is a major 
component of soil organic matter. The mechanism for how lignin might be stored in the soil 
is, however, not well understood. But a lot of studies have sought to deduce the factors that 
predict decomposition. For example, Johnson et al. (2005) pointed out that residue quality 
(chemical composition, carbon-to-nitrogen ratio, lignin content, size of residue particles) is 
one big factor. That is, residue that has low phenolic acids and high carbohydrate and amino 
acid content will decompose faster relative to residues with high phenolic acid content and 
low carbohydrate and amino acid contents (Martens and Loeffelman, 2002) 
Quantification of lignin in plants and soils 
Quantitative measurement of lignin from plant residue may help us predict the 
amount of carbon in the soil organic matter pool in the future. Lignin is transferred from 
aboveground biomass (leaves, shoots) or belowground (roots) into the soil. Once the 
degradation starts, and plant components are mixed with the soil, the quantification becomes 
very complicated. 
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The measurement of total lignin has been exhaustively studied by the development 
and comparison of different methods. The determination of lignin varies significantly with 
every method used so far; the variability is large enough that no specific procedure outshines 
the rest (Reeves, 1993; Fukushima and Hatfield, 2005). Fukushima and Hatfield (2004) 
compared different analytical procedures in quantifying total lignin of forage samples. These 
procedures are acid detergent lignin (ADL), permanganate lignin (PerL), Klason lignin (KL), 
and acetyl bromide soluble lignin (ABSL). Reeves (1993) compared acetyl bromide lignin 
(ABL), 72% sulfuric acid, permanganate lignin, chlorite, and triethylene glycol methods. 
Each method showed unique problems, suggesting that each method could underestimate or 
overestimate the total lignin present in a sample. 
Most of the methods for quantitative measurement of lignin were adapted from 
methods of forage and fiber analysis or from the wood and pulp industries. Some of the 
routine lignin quantification assays can be categorized either into three categories (Van 
Soest, 1994), namely gravimetric, by difference, and through absorbance, or into two basic 
categories, which are gravimetric and non-invasive methods (Fukushima and Hatfield, 2005). 
The gravimetric method is a technique wherein lignin can be directly or indirectly 
determined by weight loss. Direct gravimetric determination is through removal of other 
plant residue components and what remains is considered to be lignin. The indirect 
gravimetric method is the difference in mass after removing lignin from the sample via 
permanganate oxidation, chlorite, and dissolution using triethylene glycol-HCl (Van Soest, 
1994). 
Non-gravimetric determinations include spectrophotometric methods, infrared 
spectrometry, or nuclear magnetic resonance spectrometry. A promising direct non-
gravimetric analysis is the acetyl bromide method, where the solubility of lignin in acetic 
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acid is enhanced by addition of acetyl bromide and the resulting lignin concentration is 
quantified spectrophotometrically at 280 nm (Figure 1.7).  
 
Figure 1.7 Lignin acetylation and bromination (Fukushima and Hatfield, 2005) 
 
The procedure was originally developed by Johnson et al. (1961) and has been 
modified through the years. Morrison (1972a, 1972b) initiated the idea of filtering the acid 
solution prior to spectrophotometric reading to decrease the interference caused by insoluble 
proteins. Iiyama and Wallis (1988) improved the total solubility of the samples by addition of 
perchloric acid to the original solution. However, Hatfield et al. (1999), in their investigation 
on the use of perchloric acid on small forage samples, found that perchloric acid under acidic 
conditions will degrade the xylan component of the sample into furfurals, that together with 
lignin could also absorbed at 280 nm, and thus could make an overestimation of the amount 
of lignin present. Because of this carbohydrate interference, the Vitousek Biogeochemistry 
Laboratory of Stanford University introduced pretreatment steps to remove the soluble 
carbohydrates prior to dissolution in 25 % (v/v) acetyl bromide in glacial acetic acid. The 
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pretreatment involves heating the sample with distilled water, recovering the sample, and 
rinsing sequentially with distilled water, ethanol, acetone, and ethyl ether. 
Another potential drawback associated with quantitative measurement of lignin is the 
selection of a suitable standard that can be applied to a wide range of lignin types. Fukushima 
and Hatfield (2001) proposed the use of acid-dioxane lignin for the calibration of the acetyl 
bromide method. A follow up of this study was conducted by Fukushima and Kerley (2011) 
when they extracted acid-dioxane lignin from a variety of plant types and constructed and 
compared the standard calibration curves generated from each. From that study, they 
concluded that any standard lignin could be used to generate a calibration curve for the acetyl 
bromide lignin method to quantify total lignin of different cell wall types. Because of these 
improvements, the acetyl bromide lignin method is considered to be a fast, convenient 
analytical method that could be used for routine analysis of lignin from plant samples 
(Fukushima and Kerley, 2011). 
 One approach to elucidate a chemical structure of a complex polymer like lignin is to 
break the isolated compound into smaller pieces by degradation and to identify the structure 
of the fractions (Figure 1.8). Nowadays, since the monomeric units of lignin are already 
established, this approach is used to quantify each of the monomeric units, then summing the 
concentrations as an index of the quantity of lignin in a sample. Kraft cooking is an old 
method that uses alkali under elevated temperatures to convert ether-linked lignin into 
phenolic units (Larsson and Miksche, 1971a cited in Adler, 1977). Pearl (1942), however, 
proposed that, in the presence of cupric oxide, ether cleavage is more efficient, and thus 
higher yields of aromatic acids are obtained. This is attributed to the “pre-oxidation” of the 
aliphatic side-chains (Adler, 1977). 
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Currently, the alkaline cupric oxide oxidation procedure is routinely used in 
laboratories to degrade lignin, but the chromatographic technique to quantify reaction 
products may vary (Hedges and Ertel, 1982). Kögel and Bochter (1985) used reverse-phase 
high performance liquid chromatography (RP-HPLC) to quantify the phenolic lignin 
monomers. Frequently used is gas chromatography with a flame ionization detector (GC-
FID) (Hedges and Mann, 1979a; Hedges and Ertel, 1982; Bahri et al., 2006; Olk, 2009; 
Thevenot et al., 2010). This procedure has been used in many studies (Sanger et al., 1997; 
Onstad et al., 2000; Kögel and Bochter, 1985). The alkaline CuO oxidation has been used as 
an index of the total lignin as well as a degradation index. It can both be applied to plant 
material, roots, and soil samples (other methods quantify only the acid-insoluble and acid-
soluble fraction but cannot evaluate the lignin in plant decaying material or lignin in soil) 
(Kögel and Bochter, 1977). 
Assessment of the monomeric lignin components and interpretation of the ratios 
generated 
 The monomers of lignin that can be obtained from the alkaline CuO oxidation 
procedure are the oxidation products of coumaryl, sinapyl, and coniferyl alcohols, which are 
single ring phenols in their aldehyde, ketone and acidic forms (Figure 1.9) (Thevenot et al., 
2010). 
Figure 1.8 Three dominant monomeric degradation products obtained after CuO 
oxidation of lignified cell walls (Zeier and Schreiber 1997). 
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p-hydroxyphenols 
                      
Vanillyl phenols 
                             
Syringyl phenols 
                    
Cinnamyl phenols 
                        
Figure 1.9. Monomeric lignin components obtained from alkaline CuO oxidation procedure 
(Thevenot et al., 2010). 
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The calculations of this monomeric lignin are important, especially in the analysis of 
lignin in soil. The sum of vanillyl, coumaryl, and syringyl (V+C+S) components is an index 
of the amount of lignin in the sample. The ratios of acid to aldehyde for both syringyl and 
vanillyl phenols (Ac/Al S, Ac/Al V) indicate the degree of degradation of lignin, and the 
ratios of coumaryl to vanillyl (C/V) and syringyl to vanillyl (S/V) indicate the source of 
lignin (Hedges and Mann, 1979a and b; Hedges and Ertel, 1982; Ertel and Hedges, 1984; 
Thevenot et al., 2010). Machinet et al. (2011) emphasized the role of coumaric acids and 
ferulic acids in linking lignin to the other components of the cell wall.  Polymer networks 
with non-condensed lignin (Figure 1.10) decompose faster than cell walls with more ether-
linked ferulic acids. 
 
Figure 1.10 Proposed p-coumaric ester linkage in grass lignin (after Shimada et al., 
1971) 
Root decomposition 
Many studies dedicated to decomposition of plant residue have established a 
classification of cell wall components that are susceptible and less susceptible to 
decomposition. The decomposition from the most susceptible to the least susceptible are as 
follows: proteins > free sugars and fructans > pectic substances > hemicelluloses > cellulose 
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> phenolic polymers (Ajwa and Tabatabai, 1994; Rasse et al., 2005; Bertrand et al., 2009; 
Machinet et al., 2011).  
One of the most frequently used experiments to assess plant material organic 
decomposition is to measure CO2 that is evolved by microbial respiration when plant residue 
is incubated in soil (Stotzky, 1965). The evolved CO2 is monitored by either trapping the CO2 
in an alkaline medium (KOH, NaOH) and titrating using HCl (Ajwa and Tabatabai, 1994; 
Martinez and Tabatabai, 1997) or by continuous colorimetry (Machinet et al., 2011) using an 
autoanalyzer. The CO2 can also be collected at the headspace of the incubation bottle and 
analyzed by gas chromatography with a thermal conductivity detector (Yanni et al., 2011; 
Johnson et al., 2007).  
Soil incubation experiments in the laboratory do not simulate real conditions in the 
field. So, arbitrary environmental conditions must be set. Yanni et al. (2011), in their 
decomposition study of leaves, stems, and roots for the Bt (Bacillus thuringiensis) and non-
Bt (NBt) maize, used an application of 0.5 g ground corn roots per 50 g of air-dried soil. The 
moisture content was initiated at 40% of water-filled pore space and the incubation was done 
for 20 weeks at 20
o
C. Other studies [e.g. Machinet et al. (2009, 2011)], used roots that were 
2-3 mm in diameter and approximately 5 mm long in their incubation, with an application of 
2 g of root-C kg
-1
 soil or 3 g root-C kg
-1
 soil, and a soil water pressure potential at -80 kPa. 
Inorganic N was added to the soil prior to incubation, and incubation was done up to 796 
days at 15
o
C. Three types of aeration have been used for incubation (Stotzky, 1965), namely 
no airflow (Abiven et al., 2005; Johnson et al., 2007; Machinet et al., 2009, 2011; Yanni et 
al., 2011;), continuous airflow (Ajwa and Tabatabai, 1994, Martinez and Tabatabai, 1997), 
and intermittent airflow. The different types of aeration have its own advantages and 
disadvantages. The no airflow set-up requires less space than the continuous airflow and the 
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intermittent airflow but has a disadvantage of limiting oxygen especially when the microbial 
activity is high, and replenishing the oxygen by exposure of the soil-substrate mixture may 
loss some of CO2 evolved. The continuous airflow on the other hand is suitable for 
experiments with high microbial activity but the moisture content of the incubation bottle is 
difficult to control because of the continuous introduction of air which may dry the water in 
the soil mixture (Stotzky, 1965). 
Roots, as a major contributor of soil organic carbon, have been given less attention 
than aboveground litter (Silver and Miya, 2001; Abiven et al., 2005; Machinet et al., 2011), 
and thus further studies to build a database for root decomposition patterns and chemical 
profiles are appropriate. In the field, root decomposition can be more challenging because it 
occurs belowground and the environment is relatively complex (Silver and Miya, 2001; 
Bloomfield et al., 1996). Silver and Miya (2001), stated that root chemistry is the primary 
control of root decomposition rates, and climatic factors are secondary (latitude, mean annual 
temperature, mean annual precipitation and actual evapotranspiration). 
The cumulative carbon mineralized from roots is significantly less than that from 
leaves and stems of the same plant (Abiven et al., 2005; Yanni et al., 2011,). Yanni et al. 
(2011) attributed the reduction in mineralized carbon to the higher lignin content, smaller C 
content, and greater lignin-to-nitrogen ratio in roots. On the other hand, Machinet et al. 
(2011) stated that lignin is primarily important in long-term decomposition studies, and the 
soluble residue components would control decomposition studies in the short term. Machinet 
et al. (2009) also studied the effect of the colonizing microorganisms in roots on the 
decomposition rate and concluded that colonizing microorganisms do not have a significant 
effect on the decomposition rate. 
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CHAPTER 2. EXTRACTION AND CHEMICAL 
CHARACTERIZATION OF LIGNIN FROM ELYMUS CANADENSIS 
(CANADA WILD RYE) 
Introduction 
 There are various ways to isolate lignin. The most common is probably the Klason 
method wherein the sample is treated with sulfuric acid and the insoluble residue is recovered 
as lignin. Although this method is routinely used to estimate the quantity of lignin in a plant 
sample, it is not used in chemical characterization because the isolated lignin is highly 
altered. Other methods to isolate lignin include: Björkman milled wood lignin (MWL), 
milled wood enzyme lignin (MWEL), cellulase enzyme lignin (CEL), Braun’s native lignin, 
Brown rot lignin, and Kraft and sulfite lignins (Obst and Kirk 1988)). Among these methods, 
the Björkman milled wood lignin (MWL) method is considered to produce an extract more 
representative of the original lignin, and it has relatively higher recovery of lignin with less 
carbohydrates than other methods.  
Since the mentioned methods of lignin isolation were devised by wood scientists, 
modifications have been necessary to be able to use them for forage or plant samples. A 
modified procedure for Björkman milled wood lignin (MWL) was presented in the procedure 
of Fukushima and Hatfield (2001) when they isolated acidic dioxane lignin from forage 
samples. The process involved pretreatment of the cell wall by sequential Soxhlet extraction 
using water, ethanol, dichloromethane, and acetone. The lignin was extracted through the 
process of acidolysis by heating of lignin with (9:1 v/v) acidic dioxane-water solution. The 
crude lignin was reprecipitated and purified. The semi-pure lignin extract was then analyzed 
for cellulose, hemicelluloses, and the phenolic lignin monomer composition. The extracted 
lignin was also analyzed by thermal analysis, Fourier transform infrared spectroscopy 
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(FTIR), and UV spectrophotometry and it was compared with a commercial lignin (Sigma-
Aldrich). 
The objective of this chapter is to isolate and characterize lignin from Canada wild 
rye stem, compare the chemical properties of the isolated lignin with the commercial lignin, 
and to use the isolated lignin as sample analyzed for every batch of analysis to determine 
reproducibility of the procedure. 
Materials and Methods 
Sample preparation, extraction and purification 
The acidic dioxane lignin extraction followed the procedure of Fukushima and 
Hatfield (2001) with some modifications. The air-dried Canada wild rye plant stem was 
ground using a Wiley mill with a built-in 2 mm sieve. Approximately 15 g of ground Canada 
wild rye stem were put in a Soxhlet thimble for the pretreatment procedure. The pretreatment 
included sequential extraction using water, ethanol, methylene chloride and acetone, 
respectively. The solvent extraction cycled continuously until there was no more color 
leaching from the cell walls. The treated Canada wild rye residue was then air-dried and 
weighed. 
Five grams of the treated cell walls were placed in a 250-mL round-bottom flask and 
extracted with 100 mL of acidic dioxane (90 mL dioxane + 10 mL of 2 N HCl) by 30-minute 
reflux under nitrogen. After cooling, the solution was filtered using a glass fiber filter, and 
the filtrate was collected in an Erlenmeyer flask. The residue in the glass fiber filter was 
washed with 20 mL of 96% dioxane-HCl, and the washings were combined with the original 
filtrate. Four grams of sodium bicarbonate were added to neutralize the filtrate. The 
neutralized solution was filtered through a 0.45μm nylon membrane and the filtrate was 
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collected in a round-bottom flask. The extract was concentrated to ~10-15 mL under reduced 
pressure using a rotary evaporator. The lignin was precipitated by adding the concentrated 
extract step-wise to ~ 200 mL of rapidly stirred distilled water. To ensure that all lignin was 
recovered, the remaining residue was washed with 2.0 mL of 96% dioxane. The washing was 
also added drop-wise to the rapidly stirred distilled water. 
Two grams of anhydrous sodium sulfate were added in the centrifuge tube containing 
the lignin precipitate to help flocculate the lignin. The solution was centrifuged for 20 
minutes at 9000 g. The supernatant was removed, and the lignin pellet was partially dried by 
putting the centrifuge tube in an oven at 70
o
C for 15 minutes. The lignin extract was purified 
by dissolving the lignin pellet in ~5mL of 100% dioxane. The lignin solution was filtered 
through a 0.45 μm nylon membrane, and the filtrate was reprecipitated by adding the filtrate 
drop-wise to 200 mL of rapidly stirred anhydrous diethyl ether in a 250-mL centrifuge bottle. 
The solution was centrifuged for 15 minutes at 9000 g at 0
o
C. The supernatant was removed, 
and the lignin pellet was again dissolved and reprecipitated in the diethyl ether solution 
following the same procedure described above. The lignin residue was finally rinsed with 60 
mL of petroleum ether. The petroleum ether was decanted, and the acid-dioxane lignin 
residue was dried completely by streaming nitrogen over the sample. The extracted sample 
was stored at room temperature. 
Sample characterization 
The acid-dioxane lignin residue was characterized by UV, FTIR, and thermal methods. In 
addition, the phenolic lignin monomer composition was assessed using the CuO oxidation 
method and carbohydrate analyses were conducted.  
For FTIR analysis, a mixture of ground acid-dioxane lignin and IR-grade KBr was 
prepared at 2% (w/w). The mixture was analyzed using a Nicolet Magna-IR 560 
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spectrometer equipped with the deuterated triglycine sulfate (DTGS) detector and KBr beam 
splitter. A total of 200 scans were collected for each of the acid-dioxane-extracted lignin and 
the commercial (Sigma-Aldrich) lignin to compare the characteristic peaks for both. A pure 
KBr sample was used for a background scan that was used to correct the sample scan. 
The phenolic lignin components such as vanillyl, syringyl, and cinnamyl phenols were 
determined with the alkaline CuO oxidation procedure using the Prime Focus purge device 
and an HP 6890 Series gas chromatograph equipped with a flame ionization detector (FID). 
The method was adapted from that of the Filley Biogeochemistry group of Purdue 
University, and the analysis was conducted in Dr. Dan Olk’s laboratory of USDA-ARS, 
Ames, Iowa. 
 Briefly, an acidic-dioxane extracted lignin residue which contains approximately 3-6 
mg of OC was weighed and loaded in a microbomb with a ball bearing and 330±1 mg of 
cupric oxide. The microbomb was purged with Ar gas, filled with 2 M NaOH, and then 
heated in an oven equipped with rotating sample holder at 150
o
C for 150 minutes. After 
heating, the microbomb was cooled down, and the sample was spiked with 100 μL of 240 ng 
μL-1 of ethyl vanillin. The microbomb was re-closed, cap tightened, shaken, and centrifuged 
for 5 minutes at 2500 g. The extract was quantitatively transferred to a test tube, and the 
microbomb was rinsed twice with enough 1 M NaOH, just below the lip of the microbomb. 
This was to ensure complete extraction of the target compounds. The NaOH extract was 
combined with 3 mL of 6 M HCl to neutralize the pH and 2.5 g of ashed NaCl to aid in the 
extraction with ethyl ether. The neutralized NaOH extract was added with 3 mL of ethyl 
ether, capped, shaken with occasional venting, and centrifuged for 2 minutes at 870 g. The 
ethyl ether layer was collected in a new test tube and the ethyl ether extraction process was 
repeated two more times. Approximately 2.5 g of ashed Na2SO4 was added to the ethyl ether 
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extract to remove all the water that could cohere to the extract during the partitioning 
process. The ethyl ether extract was purified by passing the extract through a column filled 
with glass wool to ensure its separation from Na2SO4. The glass wool was rinsed afterwards 
with 3 mL of ethyl ether two more times. The volume of the filtered extract was reduced by 
rotary evaporation until the amount was approximately 2 mL. The concentrated filtrate was 
quantitatively transferred to a 4-mL vial. The vials were placed in a block equipped with 
nozzles for streaming with Ar gas to further evaporate most of the solvent until what 
remained was a thin film of solution at the bottom of the vial. The extract was redissolved in 
mixture of pyridine and methyl 3,4-dimethoxy benzoate (Absolute Recovery Standard). Both 
the samples and the alkaline CuO oxidation standards (p-hydroxybenzaldehyde, p-
hydroxyacetophenol, p-hydroxybenzoic acid, vanillin, acetovanillone, syringealdehyde, 
vanillic acid, acetosyringone, syringic acid, p-hydroxycoumaric acid, and ferulic acid) were 
derivatized by combining 50 μL of the extract or standards with 50 μL of derivitization agent 
(bis(trimethylsilyl)trifluoroacetamide). The samples and the standards were heated at 70
o
C 
for 30 minutes in a heating block. After cooling, the mixture was transferred in a GC vial 
with a glass insert and analyzed by the GC-FID.  
 The phenolics were quantified by using a 7-point calibration of a mixed standard. The 
standard was a mixture of p-hydroxybenzaldehyde, p-hydroxyacetophenol, vanillin, 
acetovanillone, p-hydroxybenzoic acid, syringaldehyde, vanillic acid, acetosyringone, 
syringic acid, p-hydroxycoumaric acid, and ferulic acid with working concentrations of 4.55, 
9.09, 22.73, 45.45, 90.91, 181, and 363.84 ng μL-1, respectively or 200:1, 
100:1,40:1,20:1,10:1, 5:1, and 2.5:1 dilutions from 909.06 ng μL-1 of the mixed standard 
stock solution. 
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The peak areas of each of the phenolic compounds were integrated using an internal 
standard method where the peak areas of the samples and alkaline CuO oxidation standards 
were normalized by the peak area of the ethyl vanillin (internal standard). The reproducibility 
of the analysis was assessed qualitatively by the reproducibility of the MHA standard that 
was run together with the samples for every batch of analysis. The reproducibility was 
determined to be within 10% of the optimized value. 
Analysis of cellulose and hemicellulose 
The acid-dioxane lignin was also analyzed for carbohydrates. The cellulose and 
hemicellulose were extracted using a two-step procedure adopted from the procedure of 
Martens and Loeffelmann (2002). A 20-mg sample of acid-dioxane lignin residue was 
weighed into a 15x125 mm labeled culture tube and was soaked in 800 μL of 6 M H2SO4 for 
30 minutes. It was then diluted with 4 mL of milli-Q water to make the concentration of the 
acid to 1 M H2SO4. The diluted solution was autoclaved for 30 minutes at 121
o
C. The 
samples were cooled, centrifuged, and decanted into Falcon tubes. The sample pellet was 
rinsed twice, each time by adding 1 mL of milli-Q water, centrifuging and transferring the 
washings to the originally collected supernatant. The pH of the supernatant was adjusted to 
pH 5.5-6.5 by addition of NaOH solution during monitoring by a pH meter. The sample was 
then diluted with demineralized water to 10 mL. A 1-mL aliquot of the sample was further 
diluted to 10 mL, and 500 μL of the diluted sample were pipetted into the Dionex auto 
sampler vial to be analyzed for the hemicellulose components. 
 The residues left from the hemicellulose extraction were saved and dried overnight in 
an oven at 58-60
o
C. The dried residues were soaked for 30 minutes with 300  L of 
concentrated H2SO4. The acid concentration of the sample solution was adjusted to 1.5 M by 
adding 3.3 mL of demineralized water. The samples in the culture tubes were autoclaved at 
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121
o
C for 30 minutes. After cooling, each supernatant was decanted into a 15-mL Falcon 
tube. The culture tube was rinsed with 1 mL of demineralized water to quantitatively transfer 
the sample. The pH of the sample was adjusted to pH 5.5-6.5 by addition of NaOH solution 
and monitored by pH meter. The solution was then diluted with demineralized water to 10 
mL. The sample was mixed and centrifuged, and the supernatant was transferred to a labeled 
Falcon tube. Then 1 mL of the extract was pipetted into another Falcon tube and diluted 
further with demineralized Q water to 10 mL. Finally, 500 μL of the diluted sample were 
pipetted into the Dionex autosampler vial and analyzed for the cellulose components. Both 
the cellulose and the hemicellulose components were analyzed using a Dionex DX-500 
Chromatograph (Dionex Corporation, Sunnyvale, CA). The raw data collection was 
performed by Terry Grimard of Dr. Dan Olk’s laboratory from USDA, Ames, IA. The 
column that was used to separate the monosaccharides released from acid digestion was 
CarboPac PA10 (2mm i.d.) and was done through gradient elution using 5-80 mM NaOH as 
the eluent (Martens and Frankenberger, 1990b). The monosaccharide standards used were 
fucose, arabinose, rhamnose, galactose, glucose, xylose, and mannose. 
Results and Discussion 
 The acid dioxane procedure used for extracting lignin of Canada wild rye stems 
yielded a semi-pure lignin, which was about 10 percent of the starting material. The acid-
dioxane isolate was a very fine powder and had a yellowish-brown color. The color was 
relatively light compared to the commercial lignin. The FTIR spectra of the commercial 
lignin and the acid-dioxane lignin are shown in Figures 2.1 and 2.2, respectively. The major 
bands depicting a typical lignin were noted (Liu et al., 2008). Bands at 1421, 1461, 1513, and 
1600 cm
-1
 for commercial lignin or 1421, 1461, 1506, and 1600 cm
-1
 for the acid-dioxane 
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extracted lignin indicate the aromatic ring and C-H bonds. The peaks at 2931 and 2850 cm
-1
 
(Sigma lignin), and 2942 and 2834 cm
-1
 (acid-dioxane extracted lignin) indicate the C-H 
vibration stretch of aliphatic carbon. The broad peak noted at 3309 cm
-1
 (Sigma lignin) and 
3442 cm
-1
 (acid-dioxane lignin) indicated the O-H stretch of alcohol or phenol groups. 
 
Figure 2.1 FTIR spectrum of commercial lignin (Sigma) 
 
Figure 2.2 FTIR spectrum of acid-dioxane lignin extracted from Canada wild rye 
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Table 2.1 CuO lignin composition of acid-dioxane lignin extracted from Canada wild 
rye 
Lignin monomers 
Phenolic 
lignin 
component       
Phenolic 
lignin 
carbon  TotalV 
a
 TotalS
b
  Total C
c
  
 
-------g kg 
-1 
sample--- -----g kg
-1
 sample----- 
p-hydroxybenzaldehyde
d
  2.6 1.8 52.0  85.0  46.6  
p-hydroxyacetophenone
e
  0.4 0.3          
p-hydroxybenzoic acid
f
 0.6 0.4          
vanillin
d
  39.0 26.8 
  
   
acetovanillone
e
  6.6 4.5          
vanillic acid
f
 6.5 4.5          
acetosyringone
e
  18.3 12.6 
  
   
syringaldehyde
d
  52.9 36.4          
syringic acid
f
  13.8 9.5          
p-hydroxycoumaric acid  32.8 22.6       
 ferulic acid  13.8 9.5          
    a. Sum of vanillin, acetovanillone, and vanillic acid 
    b. Sum of acetosyringone, syringealdehyde, and syringic acid 
    c. Sum of p-hydroxycoumaric acid and ferulic acid 
    d. aldehyde lignin monomer 
    e. ketone lignin monomer 
    f. acidic lignin monomer 
 
The acid-dioxane lignin extract was also analyzed for the phenolic monomer content. 
Table 2.1 lists the acid, aldehyde, and ketone forms of lignin monomers and the 
corresponding phenolic lignin content and phenolic lignin carbon content expressed in 
grams per kilogram of acid dioxane lignin extract. Total V is the sum of vanillin, vanillic 
acid, and actovanillone. Total S is the sum of syringaldehyde, syringic acid and 
acetosyringone. Total C is the sum of p-hydroxycoumaric acid and ferulic acid. Total VCS 
is used by many researchers as an index of the total lignin content of a plant sample or plant 
extract. As proportions of the total lignin content of the acid dioxane extract, the syringyl 
units were 46 percent, vanillyl units were 28 percent and the cinnamyl units were 25 
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percent. The relative abundance of the V, S, and C phenolic lignin monomer can be used to 
differentiate gymnosperm wood from angiosperm wood and non-woody vascular plant 
tissues. Gymnosperm wood contains mainly vanillyl units, while angiosperm wood has 
equal proportions of vanillyl and syringyl units associated with the cinnamyl units. 
Herbaceous plants and graminae contain equivalent amounts of vanillyl, syringyl, and 
cinnamyl units (Hedges and Mann, 1979a; Thevenot et al., 2010). 
Table 2.2 shows the carbohydrate composition of the acid-dioxane lignin extract from 
Canada wild rye. Upon acid hydrolysis, the water-soluble lignin fraction yielded galactose, 
arabinose, glucose, fructose, and xylose. The arabinose product indicates that the lignin is 
linked to hemicelluloses such as arabinoglucuronoxylan and galactoglucomannan (Forss and 
Fremer, 1999). 
Table 2.2 Carbohydrate composition of acid-dioxane lignin extracted from Canada wild 
rye 
Values are mean ±standard error (n=2) 
*n.d. not detected   
 
` The UV scan of the acid-dioxane lignin and the commercial lignin are shown in 
Figure 2.3. The peak patterns for both lignins showed similarities, although neither lignin had 
absorption peaks at 205 and 280 nm, which are peaks associated with a typical wood lignin 
(Schmidt, 2010). Instead, the major peaks shifted to 250 nm and 227 nm with shoulder at 230 
nm. The difference in peak position might be related to the conformation change of lignin 
caused by cleavage of the repeating units in the lignin polymer (Forss and Fremer, 1999). 
 The thermal properties of the acid-dioxane lignin extract were also compared with 
those of the commercial lignin. The derivative TG curves are shown in Figure 2.4. The acid-
Cellu- 
lose  
Fucose  Arabinose  Rhamnose  Galactose  Glucose  Xylose  Mannose  
-----------------------------------------------------g kg 
-1 
sample------------------------------------------------------ 
n.d.*  9.2±1.3  15.7±0.6  n.d*.  0.3±0.1  3.8±0.8  10.1±0.6  n.d.*  
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dioxane lignin extract had a broader and much smaller peak compared to the commercial 
lignin. The temperature peak (Tp) for acid-dioxane lignin was about 357
o
C, whereas the 
temperature peak for the commercial lignin was at 311
o
C. 
 This study showed that lignin was cross-linked with hemicellulose and the structure 
was chemically altered upon isolation with acid-dioxane through acidolysis. 
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Figure 2.3 UV scan of acid-dioxane lignin and commercial (Sigma) lignin 
  
Figure 2.4. Differential thermogravimetric curves of acid-dioxane lignin and 
commercial (Sigma) lignin 
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CHAPTER 3. QUANTITY AND QUALITY OF LIGNIN IN 
ABOVEGROUND AND BELOWGROUND BIOMASS AND PHENOLIC 
AND CARBOHYDRATE SIGNATURE OF SOILS UNDER MAIZE AND 
MIXED PERENNIAL BIOFUEL CROPS 
Introduction 
 Soil organic matter is composed of a variety of decomposing materials, including 
plant litter. Plant litter may come from aboveground or belowground sources, and 
quantitative measurement of the plant material chemical composition provides better 
understanding of the decomposition and turnover rates of carbon in the soil. Aboveground 
plant material consists of stems, leaves, and inflorescences, while belowground plant 
materials are roots and root exudates. Plant cell walls are composed of cellulose, 
hemicelluloses, and lignin, and among these macromolecular compounds, lignin is the most 
recalcitrant, requiring years to decades to decompose (Crawford, 1981). Decomposition rates 
of plants can be predicted by the carbohydrate to lignin ratios. The lower the ratio, the longer 
carbon from plant residues will remain in the soil. 
 Biomass production for biofuel applications has been attractive because crude oil 
prices are increasing. In the United States, the most widely grown biofuel crop is maize 
(Sanchez and Cardona, 2008). Maize grain is utilized because it has high starch content, and 
starch can be readily converted to ethanol. Recent technology, however, is focused on the 
second generation of ethanol production, where lignocellulosic biomass is utilized. 
Lignocellulosic biomass has three main components, namely cellulose, hemicelluloses, and 
lignin. The design for the conversion of lignocellulose materials to ethanol utilizes only the 
cellulose and hemicelluloses, leaving lignin as waste or to be used as fuel for boilers (Pandey 
and Kim, 2011). 
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 Since lignocellulosic materials can be utilized to produce ethanol, most aboveground 
materials during harvest are removed from crop fields, leaving the soil with less organic 
material as a carbon source. In addition, aboveground materials may also be harvested as 
feed for livestock. This circumstance is of concern since carbon losses from the cropping 
system may be greater than the carbon inputs into the soil.  
 The belowground materials could compensate for the loss of the aboveground carbon 
sources by adding slowly decomposing lignin to the soil. In no-till systems, belowground 
materials are oxidized more slowly than in tilled systems, storing more carbon in the soil for 
a longer period. Biofuel crops like the mixed perennial prairie have been explored as an 
alternative to maize feedstocks. The mixed perennial prairie is hypothesized to produce more 
belowground biomass that contains more lignin for the long-term storage of carbon, while the 
quantity and quality of the aboveground biomass could match that of maize. 
 The objective of this chapter was to compare the quantity and quality of aboveground 
and belowground lignin of maize and the mixed perennial prairie biofuel crops. Also, the 
lignin monomers and the carbohydrate composition of each of the biofuel crops were 
determined to characterize the lignin and carbohydrate carbon pools that contribute to soil 
organic matter. 
Materials and Methods 
Site description 
The Comparison of Biofuel Systems (COBS) Project is located at South Reynoldson 
Farm in Boone County, IA, approximately 25 km from the university campus. The project 
site incorporates both large-scale and small-scale experiments. The large-scale experiment 
has 24 plots, each with dimension of 27 m x 61 m. Treatments were assigned to the plots in a 
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randomized complete block design. There are five treatments in each of the four blocks 
(Figure 3.1). These treatments are the conventional maize-soybean annual rotation 
(abbreviated C2-S2 when maize and S2-C2 when soybean), continuous maize with (CCW) 
and without (CC) rye cover crop, and fertilized (PF) and unfertilized (P) mixed-perennial 
prairies. One treatment, the maize-soybean rotation, requires two plots per replicate block 
each growing season. The soils in the field are Mollisols: Nicollet, an Endoaquic Argiudoll; 
Webster, a Typic Argiaquoll; and Clarion, a Typic Haplaquoll. The slopes at the site are 
largely less than 1%, with small areas of 2-3% slope. The first growing season for the 
research plots was in 2008. 
Figure 3.1. Plot layouts at the COBS field site (2008). 
Plot # 36 35 34 33 32 21  16 15 14 13 12 11 
Treatment  CCW CC C2 S2 PF P  C2 PF CCW P CC S2 
              
Plot # 46 45 44 43 42 41  26 25 24 23 22 21 
Treatment P C2 S2 CC CCW PF  S2 CCW P PF C2 CC 
 
Sample preparation 
All soil and root samples used in the analyses were collected from the Comparison of 
Biofuel Cropping Systems (COBS) project field site. There were three sampling periods: end 
of the growing season (November) in both 2009 and 2010 and in mid-season (late July) in 
2010. Aboveground and belowground biomass samples as well as bulk soil samples were 
collected at each sampling time. For the end of season sampling, soil cores were collected in 
four replicate plots of each of the cropping system treatments at 5 depths (0-5, 5-15, 15-30, 
30-60, and 60-100 cm). A subsample from the bulk soil sample was used to determine soil 
moisture, and another subsample was air dried and ground for further chemical analyses. The 
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bulk soil samples were then elutriated using a mesh with 297-μm openings from which roots 
were further sorted. The roots were dried and ground, then total carbon and total nitrogen of 
the roots were determined by dry combustion with a LECO elemental analyzer. Segments of 
the undisturbed core samples were weighed and the bulk density was determined.  
Soil samples collected at the mid-season sampling time were not separated by the 
four depths. A soil auger with radius of 4 cm and height of 18 cm was used to collect soil 
samples near where aboveground materials had been sampled. The soil cores were taken to 
the laboratory to determine the net bulk wet weight and bulk density. The soil samples were 
gently homogenized and approximately 10 g of soil was subsampled for moisture content and 
another approximately 30 g of a subsample was air dried and ground.  
The bulk soil samples were soaked in a bucket of water and then strained through a 
53-μm mesh sieve to separate the sand, particulate organic matter, and roots from the silt and 
clay fractions. The roots were picked out manually from the mixture. The roots were then 
dried and ground. Total C and N were determined by dry combustion using a LECO 
elemental analyzer. 
Quantitative analysis: Acetyl bromide method  
Chemicals 
 Analytical-grade solvents were purchased from Fischer Scientific, Chicago USA. 
Acetyl bromide (99%) was purchased from Acros Organics, Chicago, USA.  
Preparations of standards and control 
 A 1000 mg L
-1
 (Stock Solution A) lignin standard was prepared by weighing 50.0 mg 
of standard lignin (Sigma-Aldrich) in a 50-mL volumetric flask and dissolving the sample 
with 25% (v/v) of acetyl bromide in glacial acetic acid. From the 1000 mg L
-1
 stock solution, 
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0, 40, 100, 200, 400, 600 , and 800 mg L
-1 
of lignin standards (Stock Solutions B) were 
prepared by pipetting 0, 1, 2.5, 5.0, 10.0, 15.0, and 20.0 mL, respectively, of Stock Solution 
A into 25-mL volumetric flasks and diluting the solution with 25% (v/v) acetyl bromide in 
glacial acetic acid. The working standards were prepared by pipetting 2.5 mL of each of the 
Stock Solutions B into 50-mL volumetric flasks, adding 10 mL of 2 M NaOH and diluting 
with glacial acetic acid to make concentrations of 0.0, 2.0, 5.0, 10.0, 20.0, 30.0, and 40.0 mg 
L
-1
 respectively. The Canada wild rye extract described in section I was run as a sample with 
every batch analysis to check the reproducibility of the procedure. 
Analytical procedures 
The procedure for the acetyl bromide method was adapted from that of Vitousek 
Laboratory of Stanford University with minor modifications. Approximately 10-15 mg of 
root samples were weighed into 30-mL glass tubes with screw caps. Then 10 mL of distilled 
deionized water were added to each tube. The tubes were capped, mixed, and heated at 65
o
C 
on a block digester for one hour. The samples were filtered through a 25-mm diameter glass 
fiber filter (GF/A), and the root residues were washed sequentially with approximately 3-5 
mL of water, ethanol, acetone and diethyl ether to remove the water soluble and semi-water 
soluble carbohydrates. After rinsing, the filter papers and their root residues were transferred 
into 50-mL tubes and dried at 70
o
C overnight. The dried roots were then mixed with 2.5 mL 
of 25% (v/v) acetyl bromide in glacial acetic acid and the samples were heated in 50-mL 
tubes for 2 hours in the block digester set at 50
o
C. After cooling, each digestate was 
quantitatively transferred into a 50-mL volumetric flask that contained 10 mL of 2 M NaOH 
and 12 mL of glacial acetic acid and was diluted with glacial acetic acid. The solution was 
shaken and filtered through a 47-mm glass fiber filter Type A/E to remove any colloidal 
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particles that could interfere in the spectrophotometric analysis. The absorbance of the 
filtered sample was analyzed at 280 nm using a Milton Roy Spectronic 601. 
Alkaline CuO oxidation of lignin in natural samples using the Prime focus purge device 
and reaction vessels 
Analytical procedures 
Lignin-derived phenols were determined by a procedure that was adapted from that of 
the Filley Biogeochemistry group at Purdue University and was conducted in Dr. Dan Olk’s 
laboratory, USDA-ARS. Root and soil samples that contained approximately 3-6 mg OC 
were weighed into a steel microbomb with a ball bearing. Then 330±1 mg of CuO was added 
to the samples. The bombs were purged overnight using Ar to ensure an inert environment 
for the system. After purging, 2 N NaOH was added to each of the bombs until the level was 
within ~0.5 cm of the lip of the bomb. The bombs were placed in a carousel inside a gas 
chromatography (GC) oven and were heated at 150
o
C for 150 minutes. The bombs were 
cooled to room temperature, and 100 μL of 240 ng µL-1 ethyl vanillin (internal standard) 
were spiked to all samples. The bombs were capped, shaken, and centrifuged for 5 minutes at 
3500 rpm. The supernatant was transferred to a 10-mL tube. The samples were rinsed twice 
with 1 N NaOH, mixed, and centrifuged. The washings were added to the original 
supernatant. 
 The supernatant and rinses were neutralized by adding 3 mL of 6 N HCl. The 
neutralized solutions were recovered in an organic solvent by adding 3 mL of extracted ether 
and 2.5 g of ashed NaCl (2.4 to 2.6 g) to aid in liquid-liquid partitioning. The test tubes were 
capped, vented, mixed, and centrifuged for 2 minutes at 870 g. The partitioning was repeated 
twice to ensure extraction of the organic material. The organic extract was then mixed with 
~2.5 g Na2SO4 (or as needed) to remove all the water that may cohere to the organic extract. 
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 The organic extracts were purified by filtering in a 10.5-cm pipette that was filled 
with quartz wool. The filtrate was collected in a 25-mL pear-shaped flask. The filtration was 
repeated twice by washing the test tubes with 3 mL of ether and transferring the solution in 
the same pipette filled with quartz wool. The washings were collected in the same 25-mL 
pear-shaped flask. 
 The collected filtrate was concentrated using a rotary evaporator to approximately 1 
mL and then quantitatively transferred into 4-mL vial. The solvent was evaporated by placing 
the vial under a gentle stream of inert gas (Ar) until the solution formed a thin film at the 
bottom of the vials. The dried organic extract was dissolved in 300 µL of pyridine and 100 
µL of Absolute Recovery Standard (methyl 3,4-dimethoxy benzoate).  
 Both the standards and sample extracts were derivatized prior to GC analysis. A 50- 
μL aliquot of BSTFA (bis(trimethylsilyl) trifluoroacetamide) was pipetted into a 4-mL vial 
and 50 μL of standard (or sample extract) were added. The vial was placed in a heating block 
and heated at 70
o
C for 30 minutes. After derivitization, the vial was cooled to room 
temperature, and all the contents were transferred to a 2-mL GC vial with an insert and were 
analyzed by gas chromatography with a flame ionization detector (GC-FID). 
Preparation of standards and quality control solutions 
The compounds in Table 3.1 comprised the mixed standard used in the quantification 
of the monomeric lignin components. The concentration of each standard compound was 
~10,000 ng μL-1 which was prepared by weighing 20 mg of each of the standard compounds 
into a 4-mL vial and then adding 2 mL of pyridine to dissolve the compound.  
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Table 3.1 CuO lignin standards used 
Standards Type Peak # 
p-hydroxybenzaldehyde CuO 1 
p-hydroxyacetophenol CuO 2 
Vanillin CuO 3 
Ethyl vanillin Internal standard 4 
Acetovanillone CuO 5 
p-hydroxybenzoic acid CuO 6 
Syringealdehyde CuO 7 
Vanillic acid CuO 8 
Acetosyringone CuO 9 
Syringic acid CuO 10 
p-hydroxycoumaric acid CuO 11 
Ferulic acid CuO 12 
Methyl 3,4 dimethoxy benzoate Absolute recovery standard  
BSTFA (Bis(trimethylsilyl)trifluoroacetamide) Derivatizing reagent  
 
The 1,000 ng μL-1 solution of both the Absolute Recovery Standard (ARS) and ethyl 
vanillin (internal standard) were prepared by diluting 100 μL of the 10,000 ng μL-1 solution 
into 900 μL of pyridine. The ARS working solution was made by adding 150 μL of the 1,000 
ng μL-1 of ARS into 850 μL of pyridine. 
The 909.0 ng μL-1 CuO mixed standard stock solution was prepared by mixing 100 
μL of each of the eleven CuO standards. From the 909.0 ng μL-1 standard solution stock, 7 
concentrations of working standards were prepared. The working standard concentrations 
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were 4.55, 9.09, 22.73, 45.45, 90.91, 181, and 363.84 ng μL-1 or 200:1, 100:1, 40:1, 20:1, 
10:1, 5:1, and 2.5:1 dilutions from 909.0 ng μL-1 of the mixed standard stock solution. 
The peak areas of each of the phenolic compounds were integrated using an internal 
standard method, in which all the peak areas were normalized by the peak area of the ethyl 
vanillin internal standard. The reproducibility of the analysis was found to be within 10% of 
the optimized concentration of the MHA (mobile humic acid) standard run for every batch of 
analysis. 
Instrumentation and analytical conditions 
The chromatographic analysis was carried out using the HP 6890 Series GC equipped 
with a flame ionization detector, Agilent 6890 Series Autosampler and Agilent Chemstation. 
The column used for separation was HP-5% phenyl methyl siloxane (30.0 m x 320 μm x 0.25 
μm), with pressure maintained at 6.54 psi, carrier gas (nitrogen) flow rate of 1.0 mL min-1 
and velocity of 21 cm s
-1
. The detector and injector temperatures were maintained at 300
o
C 
and the auxiliary gas flow rates were 40.0, 450, and 45.0 mL min
-1
 for H2, air, and make-up 
flow He, respectively. The oven temperature program started with a 100
o
C initial temperature 
that was increased to 220
o
C at a rate of 4.00
o
C min
-1
. The temperature was further increased 
at a rate of 25.00
o
C min
-1
 to 270
o
C, where the temperature was held for 10.10 minutes. 
Analysis of cellulose and hemicellulose 
Cellulose and hemicellulose were extracted using a two-step procedure adopted from 
the procedure of Martens and Loeffelmann (2002). Here, 20 mg of root materials (100 mg 
soil) were weighed into a 15x125 mm labeled culture tube and soaked in 800 μL of 6 M 
H2SO4 for 30 minutes. The sample was then diluted with 4 mL of demineralized water to 
make the concentration of the acid to 1 M H2SO4. The diluted solution was autoclaved for 30 
minutes at 121
o
C. The samples were cooled, centrifuged, and decanted into Falcon tubes. 
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The sample pellet was rinsed twice, each time by adding 1 mL of demineralized water, 
centrifuging and transferring the washings to the originally collected supernatant. The pH of 
the supernatant was adjusted to pH 5.5-6.5 by addition of NaOH solution and monitored by a 
pH meter. The sample was then diluted with demineralized water to 10 mL. A 1-mL aliquot 
of the sample was further diluted to 10 mL, and 500 μL of the diluted sample were pipetted 
into the Dionex auto sampler vial to be analyzed for the hemicellulose components. 
 The residues left from the hemicellulose extraction were saved and dried overnight at 
58-60
o
C. The dried residues were soaked for 30 minutes with 300  L of concentrated H2SO4. 
The concentration of the sample solution was adjusted to 1.5 M by adding 3.3 mL of 
demineralized water. The samples in the culture tubes were autoclaved at 121
o
C for 30 
minutes. After cooling, each supernatant was decanted into a 15-mL Falcon tube. The culture 
tube was rinsed with 1 mL of demineralized water to quantitatively transfer the sample. The 
pH of the sample was adjusted to pH 5.5-6.5 by addition of NaOH solution and monitored by 
pH meter. The solution was then diluted to 10 mL with demineralized water. The sample was 
mixed and centrifuged, and the supernatant was transferred to a labeled Falcon tube. Then 1 
mL of the extract was pipetted into another Falcon tube and diluted further to 10 mL with 
demineralized water. Finally, 500 μL of the diluted sample were pipetted into the Dionex 
autosampler vial and analyzed for the cellulose components.  
Both the cellulose and the hemicellulose components were analyzed using a Dionex 
DX-500 Chromatograph (Dionex Corporation, Sunnyvale, CA). The raw data collection was 
performed by Terry Grimard of Dr. Dan Olk’s laboratory from USDA, Ames, IA. The 
column that was used to separate the monosaccharides released from acid digestion was 
CarboPac PA10 (2 mm i.d.) and was done through gradient elution using 5-80 mM NaOH as 
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the eluent (Martens and Frankenberger, 1990b). The monosaccharide standards used were 
fucose, arabinose, rhamnose, galactose, glucose, xylose, and mannose. 
Results and Discussion 
 Two methods were used to determine the lignin content of both roots and 
aboveground materials from the plant samples collected. The cropping systems included in 
the study are continuous maize (CC), maize-soybean rotation (C2), continuous maize with 
rye cover crop (CCW), unfertilized mixed perennial prairie (P), and fertilized mixed 
perennial prairie (PF). The acetyl bromide soluble (ABS) method determined soluble lignin 
and the alkaline CuO oxidation method determined the CuO lignin monomers obtained from 
the degradation products when lignin from the plant material was oxidized. 
Lignin concentration: Acetyl bromide soluble lignin 
 The acetyl bromide soluble lignin (ABSL) of the aboveground and the belowground 
materials was determined in samples collected at the end of the 2009 season, in mid season 
2010, and at end of the 2010 growing season. Table 3.2 shows a summary of the ABSL 
concentrations for the aboveground and belowground plant materials. Except for the mid-
season samples, there were no significant differences in the ABSL concentrations for the 
aboveground samples among all cropping system treatments. At mid-season, however, the 
continuous maize with rye cover crop (CCW) was significantly lower in ABSL than the 
mixed perennial crops (P and PF). On the other hand, there was no significant difference 
among all treatments for the belowground ABSL at the mid-season sampling, but the mixed 
perennial crops at the end-season sampling showed significantly lower ABSL values than the 
maize cropping systems. 
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 When averaged across all treatments and sampling periods, the belowground ABSL 
concentrations were significantly higher than the aboveground ABSL concentrations (Figure 
3.2). There were no significant differences across sampling periods when averaged over 
treatments and plant materials (Figure 3.3). The difference between the treatments averaged 
over plant materials and sampling periods showed that the maize-soybean rotation has 
significantly higher mean values than the rest of the treatments. In addition, there were no 
significant differences between the two maize treatments (CC and CCW) or the two prairie 
treatments (P and PF) (Figure 3.4). 
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Table 3.2. Acetyl bromide soluble lignin from aboveground and belowground samples 
from three sampling periods. 
Plant material or 
treatment 
End season 2009  Mid-season 2010  End season 2010  
Aboveground  ----------------------g lignin kg
-1
 sample-----------------  
   
C2  184(±13) a  n.d.*  160(±3)a    
CC  154 (±7)a  148(±16)ab  158(±2)a    
CCW  159(±18)a  132(±13)b    158(±3)a  
P  146(±7)a  161(±12)a    150(±4)a    
PF  151(±4)a  156(±13)a  149(±9)a  
Belowground           
C2  188(±7)a  n.d.*  184(±3)a  
CC  189(±7)a    196(±9)a    189(±7)a  
CCW  174(±13)a    187(±16)a  185(±4)a  
P  147(±5)b  187(±13)a  176(±6)a  
PF  140(±7)b  169(±6)a  153(±5)b  
Mean values ± standard error (n=4) followed by a common letter within a column are not 
significantly different (p<0.05) 
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Figure 3.2. Comparison of 
acetyl bromide soluble lignin in 
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Lignin Concentration: CuO oxidation products 
 The phenolic monomers of lignin were determined by the alkaline cupric oxide 
oxidation method for aboveground and belowground plant samples (Table 3.3) and for their 
soil counterparts (Table 3.4). The absolute parameters for the total phenolic lignin are 
expressed as total P, total V, total S, and total C. Total P is the sum of p-
hydroxybenzaldehyde, p-hydroxyacetophenone, and p-hydroxybenzoic acid. Total V is the 
sum of vanillin, acetovanillone, and vanillic acid. Total S is the sum of acetosyringone, 
syringaldehyde, and syringic acid. Total C is the sum of p-hydroxycoumaric acid and ferulic 
acid. The lignin-derived phenols can be expressed as individual (P, V, C, S) concentrations or 
as the sum (P+V+C+S) in grams per kg of sample or in milligram per 100 milligram of 
organic carbon (Hedges and Mann, 1979a). The parameters C-to-V ratio and the S-to-V ratio 
can be used qualitatively to compare the relative proportion of the lignin precursors present 
in the plant tissue. They are used to differentiate between vascular and non-vascular plants, 
0
50
100
150
200
250
CC CCW P PF C2
M
e
a
n
 A
B
S
 L
ig
n
in
(g
 k
g
-1
 s
a
m
p
le
) 
Treatment 
  bc cd 
 d 
a 
  bc 
Figure 3.4. Comparison of acetyl bromide lignin across the 
cropping system treatments, combining aboveground and 
belowground data with all season-specific data. 
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angiosperms and gymnosperms, and woody and non-woody tissues (Hedges and Mann, 
1979a; Hedges and Mann, 1979b). To differentiate between angiosperm and the gymnosperm 
lignin, high S-to-V ratios are indicative of angiosperm plant type. If the tissues are dominated 
by cinnamyl phenols (lower yields of syringyl and vanillyl), it indicates that the angiosperm 
or gymnosperm tissues are non-woody (Hedges and Mann, 1979a, Hedges and Mann, 
1979b). In soil analyses, these ratios can be used to identify lignin-derived phenolics in soil 
organic matter and can also be used to indicate the plant source of soil organic matter. The 
relative proportions of the acid to aldehyde (Ac/Al) in syringyl and vanillyl groups in a plant 
tissue are usually lower compared to those found in soil samples, reflecting the degree of 
alteration of the lignin structure by microbial decomposition (Ertel and Hedges, 1984). 
Comparison of the CuO lignin and other CuO oxidation parameters in aboveground 
and belowground plant materials 
 For all parameters, plant materials, and sampling periods, there were no significant 
differences among the three maize treatments (C2, CC, CCW) or between the two prairie 
treatments (P, PF), except for the total S of belowground P and PF during the mid-season 
sampling (Table 3.3). The aboveground materials of the unfertilized prairie treatment (P) had 
significantly lower CuO lignin values than did the maize-soybean treatment. At the end of 
the growing season, belowground CuO lignin was not significantly different among all 
cropping systems. On the other hand, at the mid-season sampling there was a significant 
difference in belowground CuO lignin concentrations between the maize treatments and the 
mixed perennial prairie treatments. Averaged over cropping systems and sampling periods, 
aboveground biomass had significantly higher CuO lignin concentrations than belowground 
biomass (Figure 3.5A). When above- and belowground materials and sampling times were 
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lumped, the mixed perennial prairie cropping systems had significantly lower CUO lignin 
concentrations than did the maize cropping systems (Figure 3.5B). 
 For the aboveground biomass (sampled at the end of the 2009 growing season), there 
were no significant differences among the cropping systems in total V, total C, total S, total 
VCS, C/V, or S/V (Table 3.3). In the belowground biomass at the end of the 2009 growing 
season, the CuO-derived parameters either did not differ by cropping system or varied 
somewhat inconsistently among the cropping systems. On the other hand, at midseason 2010 
the roots of maize and of the perennial plants differed from one another more consistently. 
For that sampling time, the concentrations of total V were greater in the prairie cropping 
systems than in the maize systems, but the total C and total S content of the maize treatments 
were higher than those of the mixed perennial prairie treatments Table 3.3). 
 When the cropping systems treatments and the sampling times were lumped, 
aboveground biomass had significantly higher concentrations of total V, total C, total S, and 
total VCS than belowground biomass (Figure 3.6 A – D). The Ac/Al ratio for the syringyl 
units showed that the aboveground biomass had more oxidized syringyl than the 
belowground biomass (Figure 3.6 E). The reverse was observed for the Ac/Al ratio for the 
vanillyl units: roots had more oxidized forms than the aboveground biomass (Figure 3.6 F). 
 The CuO index of lignin quantity (that is, the sum of the 11 determined phenols 
normalized to the mass of the sample) indicated that the aboveground material had more 
lignin than the belowground material, opposite to results obtained from the acetyl bromide 
method. The absolute amounts of the lignin monomer components (vanillyl, syringyl, 
coumaryl) did not vary much between the maize and the mixed perennial prairie treatments 
for the aboveground samples, probably because maize belongs to grass family and the mixed 
perennial prairie consists of grasses and non-woody angiosperms from which, according to 
48 
Thevenot et al. (2010), should contain V, C, and S monomers in approximately similar 
proportions. 
 In general, the root samples contained vanillyl, syringyl, and coumaryl units in 
roughly similar concentrations. But the mixed perennial prairie roots had higher 
concentrations of V units than did maize roots, and maize roots had higher concentrations of 
C units (ferulic acids and coumaric acids) and S units than those of the mixed perennial 
prairies. This suggests the heterogeneity of the chemical structure of lignin in roots. In maize 
roots, C/V values were lower at the end of the growing season than at mid-season, suggesting 
that lignin quality varied during the stages of plant development. 
The p-coumaric and ferulic acids may link lignin to other cell wall components such 
as hemicellulose, either by ester or ether bonds. Alternatively, p-coumaric and ferulic acids 
may not serve as a lignin-to-carbohydrate linkage but as terminal groups on carbohydrate 
components (Jeffries, 1994). Machinet et al. (2011) pointed out that the p-coumaric and the 
ferulic acid bonds to lignin may affect the rate of decomposition of the plant material. They 
suggested that ether-linked ferulic acids are more difficult to decompose compared to the 
ester-linked ferulic or p-coumaric acids.  
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Table 3.3. CuO lignin monomers in the aboveground and belowground samples 
Treatment 
CuO 
lignin
a
 
CuO 
lignin-C
b
 
Total V
c
  Total C
d 
 Total S
e
  
Total
 
VCS
f
 
 
--------g kg
-1
 sample----- ---------------------------mg/100 mg OC---------------- 
Aboveground end-season 2009 
C2 52a 36a 2.6a 3.9a 4.1a 10.6a 
CC 49ab 34ab 2.9a 3.2a 3.8a 9.9a 
CCW 47ab 33ab 2.7a 4.0a 4.0a 10.7a 
P 38b 26b 2.3a 4.5a 4.0a 10.8a 
PF 45ab 31ab 2.4a 4.7a 4.0a 11.2a 
Belowground end-season 2009 
C2 32a 22a 1.9ab 3.3ab 3.0a 8.2a 
CC 32a 22a 1.7ab 3.3a 3.3a 8.4a 
CCW 29a 20a 1.6b 3.1ab 3.0a 7.7ab 
P 26a 18a 2.6a 2.1c 1.8b 6.5b 
PF 28a 19a 2.3ab 2.4bc 2.1b 6.9ab 
Belowground mid-season 2010 
CC 41a 28a 1.7b 4.9a 3.9a 10.4a 
CCW 37a 26a 1.8b 4.4a 3.7a 9.9a 
P 26b 18b 2.7a 2.3b 1.8c 6.8b 
PF 24b 17b 2.3a 2.3b 2.3b 7.0b 
*Mean values (n=4) not connected by a common letter within a column are significantly different (p<0.05) 
a. Mass in of all 11 phenols normalized to mass of sample 
b. CuO lignin expressed in terms of carbon per kg of sample 
c. Total V is the sum of vanillin, vanillic acid and acetovanillone expressed in mg per 100 mg OC 
d. Total C is the sum of p-coumaric acid and ferulic acid masses expressed in mg per 100 mg OC 
e. Total S is the sum of syringaldehyde, syringic acid, and acetosyringone 
f. Total VCS is the mass in mg of V, C, and S phenols normalized to 100 mg OC 
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(Continued) 
Table 3.3. CuO lignin monomers in the aboveground and belowground samples 
Treatment C/V
g
  S/V
h
  Ac/Al V
i
  Ac/Al S
j
  
Aboveground end-season 2009 
C2 1.5a 1.6a 0.12ab 0.24a 
CC 1.1a 1.3a 0.14a 0.25a 
CCW 1.6a 1.6a 0.12ab 0.24a 
P 2.0a 1.8a 0.13ab 0.26a 
PF 2.0a 1.7a 0.12b 0.25a 
Belowground end-season 2009 
C2 1.9a 1.7a 0.20a 0.19a 
CC 2.0a 1.9a 0.21a 0.21a 
CCW 1.9a 1.8a 0.22a 0.22a 
P 0.8b 0.7b 0.15b 0.19a 
PF 1.0b 0.9b 0.16b 0.19a 
Belowground mid-season 2010 
CC 2.9a 2.3a 0.15b 0.20b 
CCW 2.5b 2.1a 0.15b 0.21ab 
P 0.9c 0.7c 0.15b 0.21ab 
PF 1.0c 1.0b 0.18a 0.24a 
*Means not connected by a common letter are significantly different (p<0.05) 
g. Mass ratio of cinnamyl phenols to vanillyl phenols 
h. Mass ratio of syringyl phenols to vanillyl phenols 
i. Mass ratio of acid-to-aldehyde for vanillyl units 
j. Mass ratio of acid-to-aldehyde for syringyl units  
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Comparison of CuO lignin composition of plant tissue and soil organic matter 
 The total VCS concentration of the roots sampled at the end of the 2009 growing 
season ranged from 6.5 to 8.4 mg per 100 mg OC in the roots, while the soil samples had a 
relatively narrow range, between 0.49 and 0.66 mg per 100 mg OC in the soil (Table 3.4). 
Total VSC in soil can be calculated in more than one way; it may also be calculated in terms 
of the phenol carbon per unit mass of soil organic carbon. This statistic was 5.5 - 6.6 mg 
phenol-C g
-1
 SOC in soil of the mixed perennial plots and 4.9 mg OC g
-1
 SOC in soil of the 
maize plots (Table 3.4). These values had a narrower range than the VSC concentrations in 
maize field plots reported by Bahri et al. (2006). Their values ranged from 8.2 to 11.5 mg OC 
g
-1
 SOC. The values obtained for soil in the prairie treatments of this study were also 
somewhat lower than the total VSC values reported from grassland studies conducted by 
Guggenberger et al. (1994) and Lobe et al. (2002). The mean values in their studies ranged 
from 6.2 to 11.4 mg OC g
-1
 SOC in soil samples from the 0 - 20 cm depth of soil. 
 Typical vascular plant tissues have Ac/Al V ratios of about 0.15 ± 0.05 (Hedges et al., 
1982), while the average for soil and sediments typically ranges from 0.6 to 0.7 (Sanger et 
al., 1997). The Ac/Al V ratios for soil organic matter in the present study ranged from 0.66 to 
0.93, suggesting that the lignin had been considerably altered by microbial activity (Hedges 
and Mann, 1979a, 1979b). The acid to aldehyde ratios for the syringyl units ranged from 0.58 
to 0.63. The values for (Ac/Al) V were slightly higher than the values reported by Bahri et al. 
(2006) in their study of agricultural soil, whereas the (Ac/Al) S values in the present study 
were slightly lower than those of Bahri et al. (2006).  
Because these compounds are only lignin-derived, the C/V and the S/V ratios (Table 
3.3) can be used as tracers of plant sources for soil organic matter (Hedges and Mann, 
1979b). In the present study, the C/V ratio ranged from 0.87 to 0.92 for the soil under prairie 
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treatments and from 0.95 to 1.13 for the soil under maize treatments. The S/V ratio, on the 
other hand, ranged from 1.54 to 1.61 for soil under prairie treatments and 1.74 to 1.93 for soil 
under maize treatments. These S/V ratios are higher than the values reported by Bahri et al. 
(2006) and Kiem and Kögel-Knabner (2003) (1.5 and 1.7, respectively) for soils under maize 
and wheat-maize-barley rotations.  
 The C/V ratios obtained from our soil samples suggest that the cinnamyl monomers 
were less abundant relative to vanillyl monomers in soil under prairie treatments compared 
with soil under the maize treatments. But under continuous maize with rye cover crops 
(CCW), the cinnamyl monomers were more abundant than the vanillyl monomers. The S/V 
ratios suggest that syringyl monomers were more abundant than vanillyl monomers and 
cinnamyl monomers for both maize and prairie treatments. The trend in the abundance of the 
lignin-derived monomers from the COBS field site was syringyl > cinnamyl ~ vanillyl. This 
trend will serve as a baseline for future monitoring of lignin monomers that may accumulate 
in soils at the COBS field site in future years. 
 In comparison, Bahri et al. (2006) report the trends in lignin-derived monomer 
abundance to be cinnamyl > syringyl > vanillyl for soils cultivated with continuous maize for 
9 years. Furthermore, Bahri et al. (2006) noted that from 1 to 6 years of cultivation, the three 
phenolic monomers behaved the same way and only after 6 years did the syringyl monomers 
and the cinnamyl monomers continue to increase. 
 There are a number of mechanisms that may be proposed to explain the observed 
trends. Bahri et al (2006) summarized the following mechanisms:  
(1) The propensity of cinnamyl monomers to decompose faster relative to syringyl 
and vanillyl monomers was hypothesized by Kirk et al. (1975) to be due to the localization of 
the phenolic lignin monomers in the plant. According to Kirk et al. (1975), during cell wall 
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formation the sequence of deposition of the phenolic lignin monomers is that p-
hydroxyphenols precedes vanillyl, and vanillyl precedes syringyl. The cinnamyl monomers 
(p-coumaric acid and ferulic acids) may link lignin phenols to other components of plant cell 
walls; thus cinnamyl monomers may be more accessible to degrading enzymes compared 
with vanillyl and syringyl monomers.  
(2) According to Ertel and Hedges (1984), syringyl is more susceptible to 
biodegradation than vanillyl because of the higher degree of crosslinking involved in vanillyl 
during polymerization. Note that the C-5 carbon in the vanillyl structure does not have an 
attached methoxyl group, so it has higher probability of forming dimers upon polymerization.  
(3) Another mechanism is the possible partial demethoxylation of syringyl units (two 
–OCH3) into vanillyl units (one –OCH3) (Haider et al., 1977; Martin et al., 1980, 1982; Dec 
et al., 2001). This mechanism suggests that over the long term syringyl monomers will 
decrease while vanillyl monomers will continue to accumulate.  
(4) Phenolic lignin monomers may be physicochemically protected by the minerals in 
the soil (Baldock and Skjemstad, 2000) or they may be stabilized by adsorption to organic 
colloids (Batistic and Mayaudon, 1970). Whether vanillyl or syringyl monomers are moe 
protected or stabilized may be explained by the difference in their structure. As mentioned, 
vanillyl has one methoxyl group attached to the C-3 of the aromatic ring, while syringyl has 
two methoxyl groups attached to the C-3 and C-5 of the aromatic ring. Therefore the vanillyl 
units may be more stabilized due to more accessible binding sites that could bind the 
compound to organic colloids. 
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Table 3.4. CuO lignin components in soils and roots. 
 
C/V
a 
 S/V
b
  (Ac/Al) V
c
  (Ac/Al) S
d
  
Total 
VCS
e
 
Total 
VCS
f
 
Soil          
mg 100 
mg
-1
 OC 
mg OC  
g
-1
 SOC 
CC  0.95ab  1.74ab  0.93a  0.63a  0.49a 4.9 
CCW  1.13a  1.93a  0.79ab  0.58a  0.49a 4.9 
P  0.92ab  1.54c  0.69ab  0.60a  0.55a 5.5 
PF  0.87b  1.61bc  0.66b  0.59a  0.66a 6.6 
Roots  
      C2 1.9a 1.7a 0.20a 0.19a 8.2a - 
CC 2.0a 1.9a 0.21a 0.21a  8.4a - 
CCW 1.9a 1.8a 0.22a 0.22a 7.7ab - 
P 0.8b 0.7b 0.15b 0.19a 6.5b - 
PF 1.0b 0.9b 0.16b 0.19a 6.9b - 
*Mean values (n=4) not connected by a common letter within a column are significantly different (p<0.05). 
a. Mass ratio of cinnamyl phenols to vanillyl phenols 
b. Mass ratio of syringyl phenols to vanillyl phenols 
c. Mass ratio of acid-to-aldehyde for vanillyl units 
d. Mass ratio of acid-to-aldehyde for syringyl units 
e. Sum of total V, total C, and total S normalized with 100 mg of OC of the sample 
f. Sum of total V, total C, and total S expressed in mg OC g
-1
 SOC 
 
Phenolic and carbohydrate signature of the soil 
The quality of the soil organic matter is influenced by the type, quality, and quantity 
of decaying plant and animal tissues that are added to the soil. Large fractions of the carbon 
pool are contributed by cellulose and lignin (Sanger et al., 1997), which are the first and the 
second most abundant natural polymers. Coming from terrestrial sources, cellulose and lignin 
are added to the soil as belowground or aboveground litter. 
57 
 The field plots used in the study are managed without tillage. The CC and CCW 
treatments involve annual stover removal, therefore the lignin and cellulose sources in the 
uppermost depth of the soil would mainly be derived from and stover that had been left on 
the soil surface. 
Both phenolic and carbohydrate signatures in soil organic matter may reflect the quality 
of the litter. Carbohydrates from higher plants are predominantly pentose polymers while 
microbial carbohydrates are mainly hexoses. Therefore, the transformation of the 
carbohydrate in the soil can be evaluated by the ratio of the hexose to pentose sugars 
(Murayama, 1984; Oades, 1984; Sanger et al., 1997). The hexose component can be 
represented by the sum of galactose and mannose while the pentose component is 
represented by the sum of arabinose and xylose. If the ratio is <0.5, the carbohydrate present 
is due primarily to plants, and if the ratio is >2, the carbohydrate is dominantly contributed 
by microorganisms (Oades, 1984; Sanger et al., 1997). 
Table 3.5. Physical and chemical properties of soil in the cropping systems plots (0-18 
cm depth). 
Root 
treatment Bulk density Total OC Total N 
Root 
concentration 
 
Mg m
-3
 ------------------------g kg
-1
 soil-------------------- 
CC 1.54 (±0.04)ab 25 (±2)a 1.9 (±0.2)a 4.3 (±0.9)a 
CCW 1.60 (±0.07)a 21 (±3)a 1.6 (±0.2)a 2.8 (±0.4)a 
P 1.59 (±0.06)a 22 (±4)a 1.6 (±0.3)a 4.0 (±1.3)a 
PF 1.49 (±0.04)b 28 (±2)a 2.0 (±0.1)a 1.7 (±0.1)a 
Mean values ± standard error (n=4) connected by a common letter within a column are not 
significantly different (p<0.05). 
 
Table 3.5 shows selected physical and the chemical properties of soil in the cropping 
system plots at the COBS site. The dry bulk density ranged from 1.49 to 1.60 Mg m
-3
. The 
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total organic carbon ranged from 21 to 28 g C kg
-1
, soil and the total nitrogen ranged from 
1.6 to 2.0 g N kg
-1
 soil. There was considerable variation in the textures of soil in the plots at 
the research site (Table 3.6). The soil textures were classified as clay loam, loam, sandy 
loam, and sandy clay loam, and clay contents ranged from 180 to 440 g kg
-1
. Root biomass 
collected at the same time soil samples were collected (the 2010 mid-season sampling) 
ranged from 1.7 to 4.3 g roots kg
-1
 soil.  
There were no significant differences among the cropping system treatments in 
cellulose concentrations and hexose–to–pentose ratios in the soil organic matter (Table 3.7). 
The hemicellulose component of soil in the fertilized prairie treatment was significantly 
different from that of the continuous maize with rye cover crop treatment. Among the 
hemicellulose, cellulose, and lignin components of soil organic matter, the hemicellulose 
fraction appeared to dominate the soil organic matter pool.  
 The hexose-to-pentose ratios ranged from 1.12 to 1.20. Such ratios suggest that 
approximately equal proportions of plant carbohydrate and microbial carbohydrate are 
present in the soil organic matter. Furthermore, the hexose-to-pentose ratios suggest that 
there was a continuous input of fresh plant material. This may be attributed to the lack of 
tillage, allowing plant residues to be protected from oxidization and therefore lowering the 
rate of decomposition. But since there are no plots managed with tillage to compare, a 
generalization about the impact of tillage cannot be drawn.  
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Table 3.6. Particle size distribution of soil in plots at the COBS field site, 0-15 cm depth, 
weighted by bulk density of the 0-5 and 5-15-cm zones. 
 
Plot 
no. Treatment Sand Silt Clay Soil Texture 
  
-----------g kg
-1
 ------------ 
 12 CC 317 375 307 Clay loam 
21 CC 431 329 240 Loam 
35 CC 290 404 306 Clay loam 
43 CC 483 326 191 Loam 
      14 CCW 387 334 280 Clay loam 
25 CCW 292 400 308 Clay loam 
36 CCW 491 298 210 Loam 
42 CCW 398 363 239 Loam 
      13 P 277 402 321 Clay loam 
24 P 288 430 282 Clay loam 
31 P 406 331 263 Loam 
46 P 530 302 168 Sandy loam 
      15 PF 291 388 320 Clay loam 
23 PF 338 399 263 Loam 
32 PF 507 276 218 Sandy Clay Loam 
41 PF 341 377 282 Clay loam 
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Table 3.7. Soil CuO lignin and carbohydrate composition 
Treatment  Hemicellulose
a
  
Acid 
extractable 
cellulose
b
  
CuO 
Lignin  
Total VCS  
Hexose to 
pentose ratio
c
  
  ---------------------g kg
-1
 soil---------------------  mg C g
-1 
SOC    
CC  4.2ab  0.17a  0.19a  4.9a  1.20a  
CCW  3.7b  0.19a  0.17a  4.9a  1.12a  
P  3.9ab  0.20a  0.19a  5.5a  1.14a  
PF  4.8a  0.22a  0.23a  6.6a  1.15a  
Mean values (n=4) not connected by a common letter within a column are significantly different 
(p<0.05). 
a. Sum of fucose, arabinose, xylose, rhamnose, galactose, mannose, and glucose 
b. Amount of glucose extracted using concentrated sulfuric acid procedure 
c. Mass ratio of the sum of the sum of hexoses (galactose and mannose) to the sum of pentoses 
(arabinose and xylose) 
 
Correlation between acetyl bromide and the alkaline CuO oxidation methods 
 The heterogeneity of the structure of lignin renders it difficult to quantify. There is an 
ongoing search for the best procedure to quantitatively measure lignin for all plant types. In 
this study, we used two commonly used lignin procedures, the acetyl bromide and the 
alkaline cupric oxide oxidation methods. The acetyl bromide method measures the total 
soluble lignin of the plant samples but cannot be used for soil. The alkaline cupric oxide 
oxidation measures monomeric lignin components obtained after an oxidation procedure. 
The two procedures complement each other in terms of the amount and type of data they 
provide. 
The values generated by both methods are only indices of the lignin content and only 
represent the total concentration of lignin present in a given sample. The mean values 
obtained from the acetyl bromide method were considerably higher than those of the CuO 
lignin method. Furthermore, the concentration of acetyl bromide soluble lignin in 
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belowground materials was higher than its concentration in the aboveground tissues. The 
alkaline cupric oxide method, on the other hand, indicated more CuO lignin in the 
aboveground materials than in the belowground materials.  
The disagreement in the data generated may be attributed, first, to the nature of each 
of the procedures. The acetyl bromide lignin method is intended to solubilize all lignin 
polymers in an acetic acid solvent. If there were more plant components solubilized by the 
acetyl bromide-acetic acid mixture and those compounds also absorbed light at 280 nm, then 
the acetyl bromide method could overestimate the amount of lignin present in the sample. On 
the other hand, the alkaline CuO oxidation method degrades the lignin polymer, and the 
degradation products are quantified as monomers (acid, aldehyde, and ester forms of V, C, 
and S). But there could be more degradation products not identified and quantified, thus 
underestimating the lignin content. Furthermore, the alkaline CuO oxidation procedure 
involves various extraction steps and transferring of extracts from one container to another. 
Some of the target compounds may be lost in the process. We hypothesize that chemical 
compounds such as xylan (Fukushima et al., 1999) could be solubilized in 25 % (v/v) acetyl 
bromide in acetic acid solvent and could give peaks at 280 nm.  
The higher CuO lignin value for the aboveground materials than for the belowground 
materials may be due to the higher degree of crosslinking between the cinnamyl phenols (p-
coumaryl and ferulic acids) to the lignin and other components of the plant cell wall 
(Machinet et al., 2011) in the belowground samples than the aboveground samples. Such 
crosslinking may result in less efficient oxidation and extraction. Alternatively, there could 
formation of other degradation products not covered by the standards available.  
The correlations between the two methods are summarized in Figure 3.7. The x-axis 
is the total phenolic lignin extracted by the CuO procedure and expressed in g kg
-1
 sample. 
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The y-axis is the acetyl bromide soluble lignin, expressed in g kg
-1
 of sample. The data 
generated from both methods were grouped into (A) end-season and mid season aboveground 
data only, (B) end-season and mid-season belowground data, (C) end-season belowground 
data only, and (D) mid-season belowground data only. These plots allow one to more clearly 
evaluate if correlations between the two methods are impacted by maturity (end-season 
samples, mid season samples) or different plant parts (belowground, aboveground). The best 
correlation (r
2
 = 0.55) occurred when only the belowground mid-season data where plotted. 
 Various studies have been dedicated to comparing methods for quantifying lignin 
(Reeves, 1993; Fukushima and Hatfield, 2005). Until now, there is still no best method that 
can quantitatively measure all lignin and only lignin. Each method has its own disadvantages, 
including the acetyl bromide method which tends to overestimate the lignin content because 
of the interference of carbohydrates (Reeves, 1993). Nevertheless, the acetyl bromide method 
is a convenient method that works for small samples size and can routinely be used in the 
laboratory (Fukushima and Harley, 2011). The alkaline cupric oxide oxidation method, on 
the other hand, has an advantage over the acetyl bromide method because it can be used for 
both plant and soil samples (Hedges and Ertel, 1982).  
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Figure 3.7. Correlation between the acetyl bromide method and alkaline CuO oxidation 
methods in quantifying lignin residues using (A) end-season and mid-season aboveground 
data, (B) end-season and mid-season belowground data, (C) end-season belowground data, 
and (D) mid-season belowground data. 
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CHAPTER 4. ROOT DECOMPOSITION RATES 
Introduction 
 Soil incubation experiments are a well-established method for quantifying microbial 
respiration by CO2 evolution. Comparisons of respiration rates measured by this procedure 
are useful in modeling the fate of carbon in cropping systems, including carbon sequestration 
in the soil. If the soil material used in the incubation experiment is amended with plant 
residues, the CO2 released minus the CO2 evolved from a control soil sample may be used to 
assess the rate of decomposition of the plant residue. 
 An incubation experiment can either be done in the field or in a laboratory. A 
common laboratory incubation set-up for organic matter decomposition studies is the steady-
state type. The steady-state approach controls environmental variables such as moisture 
content, temperature, and aeration. There are three types of aeration processes described by 
Stotzky (1965): no air-flow, continuous air flow, and intermittent air flow. The continuous 
air-flow is the system used in the present incubation study, and the titration method was used 
to quantify CO2 evolved during the 30-day incubation period.  
 The general reaction involved in the evolution of CO2 during mineralization is shown 
in the following equation (Stotzky, 1965): 
 
 The rate of plant litter decomposition can be attributed to the composition of the litter 
(Heal et al., 1997; Abiven et al., 2005; Strickland et al., 2009; Machinet et al., 2011) and 
environmental factors such moisture content, O2, temperature, and pH (Broadbent et al., 
1964; Clarck and Gilmour, 1983; Ajwa and Tabatabai, 1994). 
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Water-soluble components such as proteins and free sugars are likely to be 
decomposed first, followed by the plant structural components, i.e., hemicelluloses, cellulose 
and lignin (Bertrand et al., 2006; Machinet et al., 2011). The lignin component is expected to 
be the most recalcitrant. The relationship between plant residues and the decomposition rate 
depends on the relative proportions of these chemical components. Residues with higher 
carbohydrate-to-lignin ratios decompose faster than plant residues with lower carbohydrate-
to-lignin ratio (Martens and Loeffelmann, 2002). The recalcitrance of lignin has been thought 
to contribute to soil organic matter, although Stevenson (1994) argued that the lignin 
contribution to humus in soil has been exaggerated. 
 Root decomposition studies are not as common as decomposition studies of plant 
leaves and stems. Compared to aboveground plant materials, the chemical and the structural 
composition of roots are different. Relative to aboveground plant materials, roots have more 
lignin (Bertrand et al. 2006; Machinet et al., 2011) and less water-soluble content (Abiven et 
al., 2005; Machinet et al., 2009). In their studies comparing carbon and nitrogen 
mineralization in roots, stems, and leaves, Abiven et al. (2005) concluded that root 
decomposition was significantly slower than that of plant leaves and stems. Some studies 
explain this slower mineralization of roots to the structural arrangement of plant tissue 
(Lindedam et al., 2009) and the higher concentrations of ferulic and p-coumaric acids that 
connect the plant cell wall components (Machinet et al., 2011). 
 A short-term root decomposition study was devised to correlate the chemical root 
composition of the four cropping system treatments described in previous chapters (CC, 
CCW, P, PF) to the decomposition rates and amount of carbon mineralized. The objectives of 
this study were 1) to quantify the chemical composition (i.e. hemicellulose, cellulose, and 
lignin) of roots collected from continuous maize with and without cover crops (CC and 
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CCW), and fertilized and unfertilized mixed perennial prairie (PF, P) cropping systems, 2) to 
determine the short-term decomposition rates of the roots, and 3) to determine whether there 
were relationships between root composition and short-term decomposition rates.  
Materials and Methods 
Soil and root material preparation 
The soil incubation followed the procedure of Ajwa and Tabatabai (1994). Two soil 
samples were collected from the COBS project field site, located at the South Reynoldson 
Farm in Boone County, Iowa. The two soils were identified as Nicollet, a fine-loamy, mixed, 
superactive, mesic Aquic Hapludoll and Clarion, a fine loamy, mixed, superactive, mesic 
Typic Hapludoll. The soils were sampled at the 5-10 cm depth. The field-moist soil samples 
were brought to the laboratory and mixed thoroughly; then the homogenized sample was 
passed through a 2-mm sieve. The visible roots after sieving were picked out manually, and a 
portion of the sample was air-dried. The rest of the soil samples were kept at 4
o
C until used 
for pH determination, moisture content, and the incubation study. 
 The pH of the soil samples was determined in 1:1 soil:water and 1:2 soil:0.01M 
CaCl2, and the moisture content was determined gravimetrically. Air-dried, <2mm soil 
samples were used to determine water-holding capacity and particle size distribution. A 
portion of the air-dried soil sample was further ground and passed through an 80-mesh (180-
μm) sieve and submitted to the Soil and Plant Analysis Laboratory (Agronomy Department, 
Iowa State University) for total C and total N analysis. Root materials were separated from 
the soil by sieving and by manual picking. All materials not identifiable as roots were 
discarded. The root materials were dried at 65
o
C for 3 days and the samples were ground and 
passed through a 600 m-sieve. 
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Incubation apparatus 
Approximately 20 g of soil (oven-dry basis) were weighed on a weighing paper. 
Separately, samples of root material that contained 120 mg of carbon were weighed. The soil 
and the root material were thoroughly mixed on an Al foil sheet to obtain homogeneity. The 
mixture was then quantitatively transferred into a 250-mL French square bottle. The moisture 
content of the soil-organic material mixture was adjusted to contain 60% of the water-
holding capacity of each kind of soil. Then, the incubation bottle was connected to an aerobic 
incubation apparatus. The samples were incubated for 30 days at room temperature (20±4
o
C).  
The aerobic incubation apparatus was the same apparatus designed and used by Ajwa 
and Tabatabai (1994). The apparatus consisted of a series of test tubes that contained 25 mL 
of 0.2 M KOH trapping solution and that were connected to a manifold by Tygon tubing. The 
manifold was connected to a flow meter that regulated the air coming into the system. The air 
that entered the incubation system had been purified of CO2 and NH3 by passing it through 
solutions of 4M NaOH and concentrated H2SO4, respectively. The trapping solution was 
replaced every day for 11 days, every other day for the next 6 days, every third day for the 
following 12 days, and once at the end of 30 days. The CO2 trapped in the KOH solution was 
measured by adding excess BaCl2 to precipitate the CO2 as BaCO3 and then titrating the 
unreacted hydroxides (-OH) with standardized HCl. 
Chemical characterization of the root materials 
 The acetyl bromide soluble lignin, CuO lignin monomers, cellulose, and 
hemicellulose analyses follows the procedure described in the previous chapters. 
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Results and Discussion 
Physical and chemical properties of soils and roots 
 The chemical and physical properties of the two soil materials used in the incubation 
study are presented in Table 4.1. The Nicollet soil material had higher pH and water holding 
capacity (WHC), as well as greater concentrations of total organic carbon, total nitrogen, and 
clay than the Clarion soil material. 
 The chemical compositions of the root materials collected from each cropping system 
are presented in Table 4.2. The C-to-N ratio was significantly greater in roots of the mixed 
perennial cropping system without fertilization (P). The C/N ratios differed significantly 
between the mixed perennial prairie systems (P, PF), but not between the two maize systems 
(CC, CCW). Mean cellulose concentrations in roots of the two maize treatments were 
significantly greater than those of the PF system, but the two prairie systems were not 
significantly different from each other. The hemicellulose components are presented in Table 
4.3, (Martens and Loeffelmann, 2000; Sanger et al., 1997). Rhamnose and mannose of root 
samples were not detectable using high-performance anion exchange chromatography with 
pulsed amperometric detection. 
 The total hemicellulose and the ABSL lignin concentrations were not significantly 
different for any treatments, but the phenolic lignin concentrations, measured by CuO 
oxidation, were significantly different between the maize and the prairie cropping systems. 
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Table 4.1 Chemical and physical properties of the soils.  
  pH 
Total  
 Org C 
Total 
N WHC*  
 
Particle size analysis 
sand  silt  clay  
Soil  H2
O CaCl
2
 g kg
-1 
 
 
g kg
-1 
 
Clarion 6.1  5.8 13.5  0.5  600  
 
617  232  152  
Nicollet 7.7  7.1  19.0  0.9  750  
 
464  340  197  
*water-holding capacity 
 
Table 4.2 Chemical composition of roots of the cropping systems treatments 
Root 
treatments C N C/N Cellulose Hemicellulose 
ABS 
Lignin 
Phenol 
Lignin 
 
% % 
 
-------------------------g kg
-1
----------------------------- 
CC 37.8 0.86 43ab 160a 159a 196a 40.6a 
CCW 36 0.87 41b 155a 162a 186a 37.5a 
P 37 0.61 60a 135ab 193a 186a 26.0b 
PF 34 1.1 31b 103b 152a 169a 24.4b 
Mean values connected by a common letter within a column are not significantly different (p<0.05) 
 
Table 4.3 Hemicellulose composition of roots of the cropping systems  
 
Hemicellulose 
Roots Fucose Arabinose Rhamnose Galactose Glucose Xylose Mannose 
 
------------------------------------------------g kg
-1
---------------------------------------------- 
CC 0.8b 20.7b n.d. 14.7b 49.2ab 73.8a n.d. 
CCW 0.8b 20.8b n.d. 14.8b 45.7ab 80.3a n.d. 
P 1.4a 30.1a n.d. 21.1a 55.7a 84.3a n.d. 
PF 1.4a 25.9ab n.d. 19.2ab 40.4b 65.2a n.d. 
Mean values connected by a common letter within a column are not significantly different (p<0.05) 
n.d. not detected 
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Carbon mineralization: Different rates of application 
Root biomass per unit of soil area is highly variable in the field for most cropping 
systems, so no common rate of biomass amendment is widely adopted in laboratory 
incubation studies of root decomposition. Yanni et al. (2011) used 0.5 g of ground maize 
roots per 50 g of air-dried soil, while Machinet et al. (2009 and 2011) used an application 
rate of 2 g C kg
-1
 soil. In order to identify an optimum application rate to be used in the 
present study, a side experiment was conducted alongside our main study. We incubated 
ground root materials from the unfertilized prairie treatment (P) using application rates 1, 2, 
4, 6, and 8 g C kg
-1
 soil for both soil materials.  
The graphs of CO2-C evolved plotted against time (days) for the different rates of 
application are presented in Figures 4.1 and 4.2 for Nicollet and Clarion soil, respectively. 
Table 4.4 shows the summary of the calculated decomposition rates (k), the amount of carbon 
mineralized per mass of roots, and the fraction of carbon mineralized per unit of added C. 
After 30 days of incubation in both Clarion and Nicollet soil, the most CO2-C was 
mineralized from the treatment with the least root carbon added. The fraction of the added 
carbon mineralized for Clarion soil ranged from 0.53 to 0.11 (Table 4.4) (generated from 
amendment levels of 1 g C kg
-1
 and 8 g C kg
-1
, respectively). The fraction of added carbon 
mineralized for Nicollet soil ranged from 0.53 to 0.08 generated from 1 g C kg
-1
 and 8 g C 
kg
-1
 application rates, respectively.  
The trend observed suggests that there were differences in microbial efficiency in 
utilizing the root residues. Decomposition of organic residues not only produces carbon 
dioxide but also microbial biomass (Sylvia et al., 2005). Most of the easily mineralizable 
components of root residues are likely to be utilized by decomposers in periods of days or 
weeks, simultaneously producing microbial biomass. This microbial biomass is also easily 
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decomposed, and CO2 derived from that biomass will contribute to the total CO2 flux from 
the soil material. Therefore, at the end of 30-day incubation, the low-input treatment could 
evolve more CO2 than a high-input treatment because less of the added C might be tied up in 
microbial biomass.  
The trends for the calculated rate constants (k) for decomposition of roots in the 
Clarion soil followed the order of 6 = 4 > 8 > 2 > 1 g C kg
-1
 soil application rates, whereas in 
the Nicollet soil the rate constants followed the order of 8 > 1 > 6 > 4 > 2 g C kg
-1
 soil 
application rates. Again, the decomposition rate constants (k) for both soils did not follow 
clear, systematic trends, but for the Clarion soil the 1 and 2 g C kg
-1
 soil application rates 
(with the most carbon mineralized) actually had the slowest decomposition rate. The 
decomposition rates in the Nicollet soil, on the other hand, showed that both the 8 g C kg
-1
 
amendment (with the least amount of carbon mineralized) and the 1 g C kg
-1
 soil amendment 
(with the most carbon mineralized) had fast decomposition rates. The lowest decomposition 
rate observed in Clarion soil may be attributed to higher microbial efficiency in the 1 g C kg
-1
 
and 2 g C kg
-1
 application-rate systems. Because of the higher microbial efficiency, some of 
the carbon mineralized may not have been immediately evolved as CO2 but was used for new 
microbial cells. That carbon was later oxidized as CO2, so in the plot of the cumulative CO2 
vs. time (days), the increase of cumulative CO2 is gradual. In the Nicollet soil, the results did 
not show systematic trends, but the high decomposition rates for 8 g C kg
-1
 and 1 g C kg
-1
 
amendment rates were most likely due to the fast initial rate of decomposition. 
Carbon mineralization: Decomposition of roots of four cropping systems 
In the incubation of roots from the four cropping systems, an application rate of 6 g C 
kg
-1
 soil was used. The summary of results is shown in Table 4.5 and is illustrated in Figures 
4.3 and Figures 4.4 for the Nicollet and Clarion soils, respectively. The range of the 
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concentration of mineralizable carbon per grams of roots for both soils is only 0.03 to 0.05. 
Also, there was not much difference between the maize and mixed perennial cropping 
systems. The fraction of C mineralized per g of added C for cropping system roots in the 
Nicollet systems decreased in the order CCW > P > CC > PF whereas for Clarion the 
decrease was P > CC > CCW > PF (Table 4.5). The amount of carbon mineralized from 
maize roots ranged from about 9 to 13 percent of the added carbon. This value is lower than 
the degree of mineralization typically reported for aboveground maize residues (stems and 
leaves). For example, Ajwa and Tabatabai (1994) reported that 30, 27, and 29 percent of 
maize residues were mineralized within 30 days when incubated with Weller, Pershing, and 
Grundy soil materials, respectively, using the same incubation set-up and experiment 
protocol as in the present study. A slower rate of decomposition of roots compared to the 
aboveground plant materials was also reported in the studies of Abiven et al. (2005) and 
Yanni et al. (2011). The relatively low rates of carbon mineralization in roots were attributed 
to high lignin-suberin contents (Abiven et al., 2005), p-coumaric and ferulic acids as cross-
linkers in the plant cell wall network (Machinet et al., 2011), and the three-dimensional 
arrangement and strength of the root tissues (Lindedam et al., 2009). 
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Table 4.4. Readily mineralizable carbon as a function of different rates of amendment. 
Rates of application or 
soil 
Rate constant 
Concentration of 
carbon mineralized  
Fraction of added 
C mineralized 
 
k* 
  g kg
-1
 soil (day
-1
) g CO2-C g
-1
 roots g CO2-C g
-1
 C 
Clarion 
   1.0 0.017 0.20 0.53 
2.0 0.049 0.17 0.44 
4.0 0.100 0.06 0.16 
6.0 0.100 0.04 0.11 
8.0 0.065 0.04 0.11 
Nicollet 
   1.0 0.092 0.20 0.53 
2.0 0.013 0.10 0.27 
4.0 0.060 0.07 0.19 
6.0 0.086 0.05 0.12 
8.0 0.154 0.03 0.08 
*rate constant obtained from non-linear regression fitted in first-order kinetic model (Cm=Co(1-e
-kt
) 
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Figure 4.1. Cumulative CO2-C mineralized (g C kg
-1
 soil) vs. time (days) for P treatment 
incubated in Nicollet soil: (A) 1 g C kg
-1
 soil, (B) 2 g C kg
-1
 soil, (C) 4 g Ckg 
-1
 soil, (D) 6 
g C kg
-1
 soil, and (E) 8 g C kg
-1
 soil. 
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Figure 4.2. Cumulative CO2-C mineralized (g C kg
-1
 soil) vs. time (days) for P treatment 
incubated in Clarion soil: (A) 1 g C kg
-1
 soil, (B) 2 g C kg
-1
 soil, (C) 4 g C kg
-1
 soil, (D) 6 
g C kg
-1
 soil, and (E) 8 g C kg
-1
 soil.  
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Figure 4.3. Cumulative CO2-C mineralized (g C kg
-1
 soil) vs. time (days) of different 
root treatments incubated in Nicollet soil: (A) CCW, (B) CC, (C) PF, and (D) P. 
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Figure 4.4. Cumulative CO2-C mineralized (g C kg
-1
 soil) vs. time (days) of different 
root treatments incubated in Clarion soil: (A) CCW, (B) CC, (C) PF, and (D) P. 
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Table 4.5 Readily mineralizable carbon from roots of four cropping systems 
 
 
Concentration of 
carbon mineralized  
Fraction of added 
carbon mineralized  
Soil/root 
treatment g C g
-1
 root g C g
-1 
added C 
 
Nicollet  
CC 0.04 0.09 
CCW 0.05 0.13 
P 0.03 0.10 
PF 0.04 0.07 
   
 
Clarion 
CC 0.04 0.10 
CCW 0.03 0.09 
P 0.03 0.12 
PF 0.05 0.08 
 
Carbon mineralization: Calculations of ki and half-lives of the root crops 
The cumulative CO2-C values obtained after 30 days of incubation were fit to first-
order kinetic models. First-order models were used on the assumption that the decomposition 
rate was primarily a function of the amount of the substrate present in the system (Sylvia, 
2005). To calculate the decomposition rate constants (k) from a first-order kinetic model, two 
approaches were used. The non-linear regression approach obtains k values from the model 
Cm=Co•(1-e
–kt
). Alternatively, multiple ki values (e.g., k1, k2) can be estimated by plotting the 
natural logarithm of the amount of carbon remaining against time [ln(A)=-kit + ln (Ao)]; the 
negative slopes of the fitted lines represent the decomposition rates. The second, linear 
approach recognizes that different carbon pools may be present, and the ki values represent 
decomposition rates (k1, k2) of the different pools.  
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Figures 4.5 and 4.6 demonstrate the fitting of data to both kinds of first-order kinetic 
models. Measures of the goodness of fit of the models are presented in the Appendix 1. The 
residuals for the non-linear regression approach were about 0 to 0.2 higher than the 
experimental data obtained in the first 20 days of root decomposition, then from 20-30 days 
of decomposition the residuals spread to about (±0.4) of the experimental data. For the linear 
regression approach, the r
2
 value for the model fit were greater than 0.90, except for the 
determination of k2 of the P treatment in Nicollet soil where the r
2
 is 0.72. 
Table 4.6 shows the summary of the decomposition rates (k, k1, k2) and the half-lives 
of the root residues from the four cropping systems. The nonlinear decomposition rates (k) in 
the Clarion soil followed the sequence P > CC > CCW > PF, whereas in the Nicollet soil the 
sequence was PF > CC = CCW = P. The decomposition rates in the Nicollet soil varied little 
among the treatments. The difference in decomposition rates of the PF roots in the two soil 
samples may be attributed to the soil physical and chemical properties. The Nicollet soil, as 
mentioned, has higher pH, total carbon, nitrogen, water-holding capacity, and clay content 
than the Clarion soil. These characteristics may have provided a more active and diverse 
community of decomposers that generally enhanced the decomposition rates of roots in the 
Nicollet samples. 
The half-lives of the root residues were computed using the formula ln 2 / ki, the half-
life formula for the first-order kinetic model. The half-life of the fast-decomposing fraction 
was based on the high ki value, whereas the half-life of the slow decomposing fraction was 
based on the low ki value. The calculated half-lives of the fast fractions ranged from 63 to 
138 days, and the half-lives of the slow fractions ranged from 115-693 days (Table 3.6). 
To better understand the factors driving the decomposition of roots from the four 
cropping systems, a ranking comparison between the root composition parameters and the 
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decomposition parameters was performed (Table 4.7). There were no systematic trends found 
except in Clarion soil, where the increasing rate of decomposition corresponded to the 
increasing carbon-to-nitrogen ratios. These results suggest that for the short-term incubation 
study other root composition parameters besides those listed in Table 4.7 may have regulated 
the decomposition rates. For example, it seems likely that most of the carbon mineralized 
from roots in the early stages of decomposition may come from water-soluble sugars and 
amino acids and not from lignin or lignin-protected cellulose. 
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Figure 4.5. Cumulative CO2-C over 30 days of incubation and the predicted cumulative 
curve after fitting the model Cm=Co(1 - e
-kt
). 
 
 
Figure 4.6. Example of graph obtained from the natural log of the carbon concentration 
remaining plotted against time (days) to calculate ki values: ln[A]= – kt + ln[Ao] 
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Table 4.6. Summary of the decomposition rates and half-lives calculated by two 
approaches: nonlinear regression and the linearity of the natural logarithm (ln) 
transformed data. 
 
    First-order kinetic model       
  
ln[A]= – kt + ln[Ao] Cm=Co(1-e-kt) Half lives    
Soil/root 
treatment 
 
k1  k2  
 
k 
 
*Fast fraction 
*Slow 
fraction 
 
  
day
-1 
 
 
day
-1 
 ------------days ---------- 
Clarion 
         CC 
 
0.006 0.008 
 
0.07 
 
86 115 
 CCW 
 
0.005 0.001 
 
0.06 
 
138 693 
 P 
 
0.010 0.002 
 
0.10 
 
69 346 
 PF 
 
0.006 0.003 
 
0.04 
 
115 231 
 
          
Nicollet 
         CC 
 
0.008 0.004 
 
0.09 
 
86 173 
 CCW 
 
0.011 0.004 
 
0.09 
 
63 173 
 P 
 
0.006 0.001 
 
0.09 
 
115 693 
 PF   0.008 0.004   0.10   86 173 
 *Half-life (ln 2/ki) where ki =k1, k2; Cm = cumulative mineralizable carbon; Co = potentially 
mineralizable carbon 
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Table 4.7 Ranking correlation of the root composition and decomposition parameters: 
1= highest or fastest; 4=least or slowest 
  Soil 
 
Clarion 
 
Nicollet 
 
P CC CCW PF 
 
PF CCW CC P 
Decomposition parameters 
         
Evolved CO
2
-C per unit 
mass of roots  3 2 3 1 
 
2 1 2 3 
Evolved CO
2
-C per added 
C  4  2  3  1  
 
4  1  3  2  
k 1 2 3 4 
 
1 2 2 2 
k
1
  1 2 3 2 
 
2 1 2 3 
k
2
  3 1 4 2 
 
1 1 1 2 
Half-life fast  1  2  4  3  
 
2  1  2  3  
Half-life slow  3  1  4  2  
 
1  1  1  2  
          Root composition 
parameters 
         
C-to-N 1 2 3 4 
 
4 3 2 1 
CuO lignin 3 1 2 4 
 
4 2 1 3 
Cell/ABS lignin
a
  3 2 1 4 
 
4 1 2 3 
HC/ABS lignin
b
  1 4 3 2 
 
2 3 4 1 
(Cell+ HC)/ABS lignin
c
  1 3 2 4   4 2 3 1 
a. cellulose-to-acetyl bromide soluble lignin ratio 
    b. hemicellulose-to-acetyl bromide soluble lignin ratio 
    c. sum of cellulose and hemicellulose-to-acetyl bromide soluble lignin ratio 
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SUMMARY AND CONCLUSIONS 
 Because it resists decomposition longer than other plant components, lignin is 
believed to be a significant contributor of carbon to soil organic matter. Thus the quantity and 
quality of lignin in plant and soil organic matter were investigated to test this claim in the 
context of biomass production for biofuels. Both perennial mixed prairie and continuous 
maize cropping systems were used in the study, and comparisons were made between 
aboveground and belowground plant materials, sampling periods (end-season, mid-season), 
and among cropping system treatments.  
 When acetyl bromide soluble lignin was used as an index of the lignin concentration 
in plant materials, there was no significant difference in lignin concentrations between the 
aboveground maize and perennial cropping systems. On the other hand, across all cropping 
systems the belowground materials (roots) contained more lignin than did aboveground 
materials. Maize roots had higher lignin concentrations than roots in the perennial cropping 
systems. 
 The quality of lignin, i.e., the vanillyl, syringyl, and cinnamyl monomer components 
of lignin, was investigated using the alkaline CuO oxidation for both the plant residues and 
samples of soil from the plots where the biofuel crops were grown. The proportions of lignin 
monomers from the maize and the perennial cropping systems did not vary much. Both kinds 
of crops contained roughly similar amount of vanillyl, syringyl and cinnamyl lignin units, 
and soil from the corresponding plots for each cropping system showed approximately the 
same proportions of vanillyl, syringyl, and cinnamyl lignin monomers as well. In this study, 
the ration of syringyl to vanillyl was greater in lignin residues in the soil than in the 
corresponding crops. Cinnamyl / vanillyl ratios in soil and plants were comparable to one 
another. While this trend is a preliminary finding and cannot be used to generalize the 
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behavior of lignin monomer turn-over in the soil organic matter, it serves as a baseline for 
comparison in future studies. Further studies are recommended to monitor the accumulation 
of lignin monomers in the long-term. 
 To evaluate the impact of lignin on root decomposition rates, decomposition of roots 
from the cropping systems was evaluated in two soil materials (Clarion and Nicollet) in a 
laboratory incubation study. The decomposition parameters were examined for rank-
correlation with parameters that represented root composition.  In this short-term incubation 
study, the decomposition parameters were the decomposition rates, the fraction of the carbon 
mineralized and the half-lives of the roots residues. The root chemical composition 
parameters were the carbon-to-nitrogen ratio, CuO lignin, cellulose-to-acetyl bromide soluble 
lignin ratio, hemicelluloses-to-acetyl bromide soluble lignin ratio, and the sum of 
hemicelluloses and carbohydrates-to-acetyl bromide soluble lignin ratio. There were no 
systematic trends observed in rank-correlating the root composition and decomposition 
parameters except for the Clarion soil, the increasing decomposition rates of roots from the 
four cropping systems were correlated with the carbon-to-nitrogen ratio of the root materials. 
This short-term incubation study suggests that there are other root composition parameters 
besides those examined in this study that may explain the decomposition rates and the 
amount or carbon mineralized for the root materials. These parameters probably include the 
water-soluble sugars and amino acids. 
 
  
86 
APPENDICES 
Appendix A. Plot of residuals 
1a. Residual plots from the CO2-C mineralization model (Cm=Co) 
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1b. Correlation coefficient (r
2
) of the slope of the lines after fitting into the two-
compartment first-order kinetic model (ln[A]= – kt + ln[Ao]) 
Soil/root 
treatment k1  r
2
 k2  r
2
 
 
day
-1 
   day
-1 
 
 Clarion 
    CC 0.006 0.991 0.008 0.970 
CCW 0.005 0.977 0.001 0.912 
P 0.010 0.985 0.002 0.980 
PF 0.006 0.966 0.003 0.994 
     Nicollet 
    CC 0.008 0.984 0.004 0.995 
CCW 0.011 0.993 0.004 0.994 
P 0.006 0.932 0.001 0.720 
PF 0.008 0.993 0.004 0.992 
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Appendix B. Additional information for Chapter 4 
Graphs of experimental cumulative CO2-C with the predicted value using the non-
linear regression approach 
Different rates of application experiment (Clarion soil) 
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Different root treatments (Clarion soil) 
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Different rates of application (Nicollet soil) 
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Different root treatments (Nicollet soil) 
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